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ABSTRACT
As urban development progresses wastewater treatment becomes vital as human
population in an area increases. However, typical wastewater treatment does not tend to
effectively remove for pharmaceuticals and chemical metabolites that humans often
excrete in urine or feces. Therefore, many hormone based pharmaceuticals consumed and
later excreted remain in the effluent from wastewater facilities. Wastewater effluent has
previously been shown to contain elevated concentrations of hormone metabolites and
pharmaceuticals that downstream wildlife is subsequently exposed to. These compounds
may be endocrine disrupting compounds (EDCs) as they have the potential to cause
disruption in the normal hormone signaling mechanisms in endocrine systems of wildlife
including fish, amphibians, and other mammals exposed to the wastewater effluent either
by direct contact and ingestion or indirect exposure such as consumption of contaminated
fauna or flora.
In Greenville County, South Carolina, the primary wastewater treatment facility is
located just below the city of Greenville and the effluent is discharged into the Reedy
River water basin above Lake Conestee. The Reedy River originates in the foothills of
the Blue Ridge Mountains about 7 miles northwest of the city of Greenville, SC and
flows south through the city of Greenville, the Piedmont region of the state, and into
Greenwood County, SC. The river empties into an arm of Lake Greenwood that is formed
by a dam on the Saluda River which also flows into Lake Greenwood.
The water quality in the Reedy River basin has been shown to be impacted from
the diverse and highly urbanized land uses within the watershed. It has been
demonstrated that urban runoff and other non-point sources introduce organic pollutants
that are potentially endocrine disruptors into the watershed. The objective of this study
was to examine the observed toxicological effects of EDCs that may be present in the
Reedy River watershed by using a suite of biomarkers that were measured in indigenous
fish to characterize the exposure and biological effects of these contaminants.
Bluegill (Lepomis macrochirus) were collected during three different sampling
seasons (spring, summer, and fall) from several sites along the length of the Reedy River
and from an un-impacted control site at Lake Robinson. The fish were analyzed for
unnatural estrogenic effects such as: 1) Vitellogenin (VTG) egg yolk protein production
in male fish, 2) Activity of estrogenic compounds in bile extractions, and 3) Inhibition or
induction of steroid hormone metabolizing enzyme UDP-glucuronosyltransferase (UGT).
Bluegill that were collected downstream of the city of Greenville and at sites
downstream of the Greenville city wastewater treatment facility were found to have
significantly elevated levels of estrogenic activity in their bile conjugates relative to the
specimens collected in reference sites during each sampling period providing evidence
that the fish were exposed to elevated concentrations of xenoestrogenic compounds
downstream of the water treatment plant and that the xenoestrogens were also
bioavailable to the bluegill.
The hepatosomatic indices (HSI) measured for the bluegill showed variations
between sampling periods. No significant differences in HSI from along the sampling
sites were apparent during the spring or fall sampling seasons. However, during the
iii
summer period the HSI for most of the sites was found to be higher than those measured
during the spring or fall, with the fish at the R3 site directly below the Greenville
wastewater treatment facility having significantly elevated HSI compared to the fish
collected at control sites.
Two additional biomarkers were also examined: Vitellogenin concentrations in
plasma of juvenile specimens and UDP-glucuronosyltransferase (UGT) activity in liver
S9 fractions. The plasma VTG concentrations for fish collected in the spring and fall
sampling seasons showed that several sites downstream of the Greenville wastewater
treatment facility as far downstream as Boyd Mill Pond showed significantly elevated
plasma VTG concentrations relative to the fish from control sites. The same general trend
was seen during the summer season as well, however the R3 site immediately
downstream of the wastewater facility showed a two fold increase in plasma VTG
concentration compared to the same site during the spring sampling season. The
measured estrogen type-UGT activity showed little seasonal variation between sites
except immediately downstream of the wastewater treatment facility where measured
UGT activity was significantly elevated during the summer. The general trend in estrogen
type-UGT activity that was seen during all sampling seasons showed elevated activity
downstream of the wastewater treatment plant, where estrogen type-UGT activity was
highest, followed by a decline in activity at sites downstream from the facility.
This biomarker study provides a more comprehensive understanding of the
potential bioavailability of EDCs in the Reedy River watershed and their effects on biota.
Further investigations are required to characterize the specific EDCs present in the
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watershed and to determine the extent to which pollutants from urban runoff and





 I dedicate this work to my mother, who, through the ups and downs of everyday 
life has always supported me along the way. Thank you for teaching me that it’s better to 





 I would like to thank my advisor, Peter van den Hurk, for his infinite patience and 
for always giving me enough flexibility to attempt to figure things out for myself. Thank 
you for introducing me to the ins and outs of fieldwork. Thanks to my committee 
members, Bill Bowerman and Beth Carraway for their insight and dedication to helping 
me complete this project.  
 A special thanks needs to go to Molly Keaton, who has been a friend, confidant, 
fieldworker, lab assistant, teacher, and a constant support. Thank you for always being 
around to lend an ear. I’ll never again be able to state ‘I’m confused’ with a straight face, 
so thanks for having a sense of humor.  
 I would like to thank Sandra Gray and the Endocrine Physiology Laboratory staff 
at Clemson University for lending me their time and expertise. I would also like to thank 
the staff at the Institute of Environmental Toxicology who helped me throughout this 
research project and the South Carolina Water Resources Center for providing funding 
for this research.    
 





TITLE PAGE..........................................................................................................  i 
 
ABSTRACT............................................................................................................  ii 
 
DEDICATION........................................................................................................  vi 
 
ACKNOWLEDGEMENTS....................................................................................  vii 
 




 1. INTRODUCTION ...................................................................................  1 
 
   Background on Reedy River watershed.............................................  1 
    EDCs ............................................................................................  6 
    Biomarkers...................................................................................  10 
         Phase I and II enzymes ................................................................  12 
   Sentinel species selection...................................................................  27  
 
2. OBJECTIVES..........................................................................................  30 
 
3. MATERIALS AND METHODS.............................................................  31 
    
   Chemicals ..........................................................................................  31 
    Sampling sites ..............................................................................  31 
    Fish collection..............................................................................  36 
    Preparation of S9 liver fractions ..................................................  37 
    UDP-glucuronosyltransferase assay ............................................  38 
    Preparation of bile extractions .....................................................  41 
    Estrogen receptor competitive binding assay ..............................  42 
    Vitellogenin assay: an ELISA......................................................  44 
   Statistical analysis..............................................................................  45 
 
 4. RESULTS ................................................................................................  46 
 
   Estrogenic activity of bile conjugates ................................................  46 
   Hepatosomatic index..........................................................................  50 
   Vitellogenin concentration.................................................................  54 
Table of Contents (Continued) 
 
                                                                                                                    Page 
 
         UGT activity ................................................................................  56 
   Pearson’s correlations ........................................................................  59 
 
 5. DISCUSSION..........................................................................................  62 
 
   Estrogenic activity of bile conjugates ................................................  62 
         Hepatosomatic index ...................................................................  68 
         UGT activity ................................................................................  72 
   Vitellogenin concentration.................................................................  77 
 
6.    CONCLUSIONS......................................................................................  82 
 
APPENDICES ........................................................................................................  87 
 
  A: Physical Characteristics & Cumulative Data.....................................  88 
  B: Hydrology ..........................................................................................  98 
 
LITERATURE CITED ..........................................................................................  99 
ix
LIST OF FIGURES 
 
 
Figure             Page 
 
1 An illustration of land uses within the Reedy River watershed............... 3 
 
2 The structures of some environmental estrogens..................................... 7 
 
3 The Reedy River watershed and sampling sites R1-R9, LR.................... 32 
 
4 Structure of 17β-estradiol ........................................................................ 39 
 
5 Estrogenic activity of bile conjugates: spring, summer, fall.................... 48 
 
6 Sampling period variation in estrogenic activity of bile conjugates........ 49 
 
7 HSI for spring, summer, fall .................................................................... 51 
 
8 Sampling period variation in HSI ............................................................ 52 
 
9 Plasma VTG concentration for spring, summer, fall ............................... 54 
 
10 Sampling period variation in plasma VTG concentration ....................... 55 
 
11 UGT activity spring, summer, fall ........................................................... 57 
 
12 Sampling period variation in UGT activity ............................................. 58 
 
13 Pearson correlations of bile estrogenic activity ....................................... 60 
   
14 Pearson correlation for VTG and HSI ..................................................... 61 
 
15 Pearson correlations for VTG and UGT activity ..................................... 61 
 
INTRODUCTION
Background on Reedy River Watershed
The Reedy River watershed occupies approximately 74,000 acres in the Piedmont
region of South Carolina. It originates above the town of Traveler’s Rest, South Carolina,
and extends south-southeast to Lake Greenwood. This watershed contains a total of 150
stream miles and 235 acres of lake waters, which are all classified as freshwaters. The
land along the Reedy River watershed that is above Lake Conestee is mainly urbanized
but includes forested and mixed agricultural land (Beasley, 2004).
The Reedy River, historically the “most polluted river in South Carolina,” has
been used since the mid 1800’s as an economic tool, providing hydroelectric power, and
removal of chemical, industrial, and human wastes (FORR, 2006.) During the late 1800s
and early 1900’s Greenville was considered the “Textile Capital of the World,” and the
discharges from industrial operations, along with human wastes, would enter the Reedy
untreated. (SRWC, 2005) Although a city sewer system was built in the 1890’s, treatment
facilities were not established until the 1930’s. Dye and bleaching facilities were
constructed in the early 1900’s and 3 million gallons of toxic effluent were discharged
into the Reedy daily. Since the 1920’s the Reedy has served as the primary river
receiving wastewater and sewage discharges as well as urban runoff from Greenville
(FORR, 2006).
Sources of urban runoff into the Reedy River watershed include both point and
non-point sources as can be seen in Figure 1. The Reedy is affected by storm water that
carries sediment, nutrients, pesticides, and waste into the watershed (SRWC, 2005.)
Other non-point sources of pollution include runoff of oil and fuel exhausts from
impervious surfaces and wearing of asphalt pavements (Grynkiewicz et al. 2002.)
Potential point sources of pollution include wastewater effluents from the city of
Greenville as well as the Colonial Oil pipe line spill that occurred on the Reedy River in
1996 and released more than 950,000 gallons of diesel fuel into the river (USEPA, 2003.)
Given that constituents of diesel fuel include aromatic hydrocarbons, the spill released a
large amount of polycyclic aromatic hydrocarbons into the watershed which are likely to
be bound to submerged sediments and along with PAHs from urban runoff contaminate
the southern portion of the watershed below Lake Conestee (Rogge et al. 1993; Halsall et
al 1994.)
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Figure 1: An illustration of land uses within the Reedy River watershed.
Lake Conestee is a 20-acre reservoir that is part of the Reedy River watershed,
located about 7.5 miles south of the city of Greenville and 8.7 miles upstream of the site
of the 1996 oil spill. The lake was created with the construction of the Lake Conestee
Dam on the Reedy River in 1892 and now collects approximately 90% of urban- point-
and non-point source runoff from the city of Greenville (FORR, 2005.) Lake Conestee is
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listed as a Brownfield’s site under the South Carolina Department of Health and
Environmental Control (SCDHEC) and in the last 5 years has been investigated to
determine the nature and extent of contamination of sediment and surface waters in the
lake. The investigation in 2002 by Pinnacle Consulting Group examined sediment, water,
and fish tissue samples for a combination of volatile organic compound (VOCs), semi-
volatile organic compounds (SVOCs), PAHs, pesticides, polychlorinated biphenyls
(PCBs), and metals. Submerged sediment and water samples showed detectable
concentrations of PAHs, pesticides, and metals such as cadmium, copper, lead, mercury,
and zinc at levels exceeding both human health and ecological screening criteria
(Pinnacle Consulting Group, 2001; Zapata and Pinnacle, 2003.)
Based on chemical information from these studies, investigations were performed
to study biomarkers of exposure to metal and PAH contaminants and their bioavailability
to largemouth bass (Micropterus salmoides) in the Saluda-Reedy watershed (Otter, 2006;
Schreiber, 2005.) Both PAHs and heavy metals such as those detected in Lake Conestee
are ubiquitous and have been shown to have deleterious effects on aquatic vertebrates
(Neff, 1985; van der Weiden et al. 1994.) The studies by Otter and Schreiber
demonstrated that PAHs were present and bioavailable to fish in the Reedy watershed,
most notably at Lake Conestee, but also further downstream at Boyd Mill Pond. Male
largemouth bass at these two sites showed significantly higher levels of CYP1A activity
in hepatocytes and increased concentrations of PAH metabolites in bile. The heavy
metals, however, were found to be present primarily in sediment but were not generally
bioavailable to the fish.
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Episodic flooding of Lake Conestee and a dam failure in recent years, are
processes that allow transport of contaminated water and sediment downstream.
However, recent studies showed that largemouth bass (Micropterus salmoides) collected
from sites further downstream of Lake Conestee demonstrated less EROD activity than
fish collected at upstream sites; suggesting that although EROD-inducing chemicals like
PAHs are present in high concentrations in water and or sediments from Lake Conestee
and Boyd Mill Pond, the PAH contaminants become diluted as they travel farther
downstream towards Lake Greenwood (Otter, 2006; Schreiber, 2005.) PAHs and metals
are not the sole source of contamination in the Reedy watershed. With the growing
development of Greenville as a metropolitan city, another class of contaminants that have
been linked to urbanization may be investigated: EDCs.
Since its establishment as a textile and manufacturing hub in the 1800s the city of
Greenville, South Carolina has rapidly expanded as a developing urban city in the upstate
of South Carolina, with one of the fastest growth rates in the southeast. The population
of about 60,000 places an increasing strain on the capacity of the wastewater treatment
facility for Greenville. The Mauldin Road wastewater facility, established in 1928 and
operated by the Western Carolina Regional Sewer Authority, is the wastewater treatment
facility for the city of Greenville and has an average flow of 21-22 million gallons daily
(MGD), which can be attributed as 1.7 MGD from industry, 2.1 MGD from commercial,
and the remainder from residential sources (SRWC, 2005.) Treated domestic sewage
discharges have been identified as major sources of EDCs (Kirby et al. 2004.)
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EDCs
Xenobiotics that are classified as EDCs have received increasing attention in the
popular press and scientific community. Such adverse effects as compromised
reproductive fitness, functional or morphological birth defects, cancer and altered
immune functions, among others, have been reported in the scientific press for wildlife,
in vitro, and in vivo studies involving a variety of anthropogenic and naturally occurring
EDCs (Kavlock et al. 1996a; Kavlock et al. 1996b; Colborn et al. 1993; Tyler et al.
1998.)
EDCs are defined as "an exogenous agent that interferes with the production,
release, transport, metabolism, binding, action or elimination of natural hormones in the
body responsible for the maintenance of homeostasis and the regulation of developmental
processes" (Kavlok et al.1996.) Numerous structurally diverse chemicals are believed to
act as endocrine disruptors including 4-nonylphenol, dieldrin, genistein, and




Figure 2: The structures of some environmental estrogens. A) nonylphenol; B) dieldrin;
C) genistein; D) methoxychlor
The specific mechanism of endocrine disruption is not well characterized for
many chemicals, and chemical structure alone does not predict EDC activity. Chlorinated
environmental estrogens such as the insecticide methoxychlor contain one or more
hydroxyl groups, similar to estrogen. Non-chlorinated environmental estrogens such as 4-
nonylphenol and genistein contain phenolic ring structures similar to those of steroidal
hormones (Baird and Cann, 2005.) Nonylphenols occur in wastewater as a result of the
breakdown of ethoxylates used in paints, detergents, and some plastics (Naylor, 1985.)
Genistein is a hormonally active flavenoid with a structure similar to estrogen, and is
found in wood products and soy based foods (Miksicek, 1993.)
The primary mechanism of EDCs involves binding to a hormone receptor, acting
as either an agonist or antagonist, or modulating endogenous hormone levels (Dawson,
2000.) It is believed that most EDCs act as estrogen mimics and bind the estrogen
receptor (Rodgers-Gray et al. 2000). Research has shown that the estrogen receptor (ER)
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is unique among vertebrate nuclear hormone receptors in that it is particularly susceptible
to receptor agonists such as DDT (Rodgers-Gray et al. 2000.) Notable antagonists, which
bind the ER but do not activate it, include polychlorinated biphenyls (PCBs) (Mac et al.
1991.) Xenobiotics that act as ER agonists may stimulate receptor dependent
physiological processes in the absence of the endogenous receptor ligands such as
estradiol (Danzo, 1997.)
ERs are intracellular proteins that can either associate with the cell surface
membrane or within the cell nucleus and act as ligand activated transcription factors that
bind to specific DNA- binding domains called estrogen response elements (ERE) that
regulate the production of a variety of proteins, including hormones (Klaassen, 2001.)
Two types of estrogen receptors, α and β, are typically found in all vertebrates (Enmark et
al. 1997.) Besides having subtle differences in their ligand-binding domains the receptors
have different localizations and concentrations in varying organs and therefore may have
unique responses to stimulation. Despite the conservation of receptors, individual ligands
induce expression of different biological responses in different species and tissues (Gray
et al. 1997; Pinder et al. 1996.)
ER agonists have been found to include a wide variety of chemicals, both
synthetic and naturally occurring, with diverse molecular structures (Klaassen, 2001.) It
is unclear why the estrogen receptor would be more susceptible to agonistic action of
xenobiotics compared to other steroid hormone receptors. However, the characteristics
that dictate agonist action appear to be steric considerations of the chemical’s structure,
and electrostatic properties of the molecule that determine whether a compound has a
suitable conformation to conform to the estrogen receptor binding-pocket and function as
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a receptor agonist (Vos et al. 2000; Senafi et al. 2004.) The estrogen receptor is not
thought to be highly ligand specific and many chemicals have been found to display at
least some ability to bind the estrogen receptor; however, most chemicals bind the
estrogen receptor with less affinity than the more potent estrogens like DES and 17β-
estradiol and therefore do not induce estrogen receptor activation to a significant extent
as to be capable of inducing toxicological effects (Rik et al. 2003.)
Sexually mature adult females typically have high basal levels of 17β-estradiol
associated with their female reproductive cycle (Copeland et al. 1986; Anderson et al.
1996.) Therefore, the typically weak activity of xenoestrogens is not associated with
endocrine toxicity in adult females due to the potency of 17β-estradiol as a competitive
agonist for the estrogen receptor; weaker agonists are displaced from the ER by the
estradiol (Iguchi et al. 2000.) However, adult males, juveniles, and females have all been
shown to exhibit endocrine toxicity resulting from xenoestrogen exposure (Copeland et
al. 1986; Tyler et al. 1998; Whali et al. 1998.) The feminization of male fish exposed to
xenoestrogens in wastewater effluent is well documented (Jobling et al. 1996; Jobling et
al. 1998; Purdom et al. 1994.) Male fish exposed to elevated levels of estrogens in
wastewater exhibited a variety of toxicological effects, including reduced fertility, and
the production of vitellogenin (VTG), which is an egg yolk protein normally present in
egg producing females (Harries et al. 1997.) Male fish exposed to wastewater effluent
can therefore serve as indicators of the presence of estrogenic EDCs. Analysis of the
presence, bioavailability, and effects of potential xenoestrogenic compounds can be
performed using fish as sentinels and utilizing a biomarker approach.
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Biomarkers
Although there is still debate about the definition of the term biomarker, the
National Research Council first defined biomarkers as “indicators signaling events in
biological systems or samples” (NRC, 1987). Since that time the definition of
biomarkers has become more broadly categorized as “xenobiotically induced alterations
in cellular or biochemical components or processes, structures, or functions that are
measurable and quantifiable in a biological system or sample at sub-organismic level
(molecular, biochemical, histological, genetic, and physiological)” (Fossi and Leonzio,
1994.) In this thesis exposure to xenobiotics was measured using a biomarker approach
that examined both physiological and biochemical endpoints.
Biomarkers can generally be divided into three categories: biomarkers of
exposure, effect, and susceptibility (NRC, 1987.) Biomarkers of exposure are defined as
the means of detection and measurement of exogenous substances or its metabolites, and
tend to confirm and assess the products of interaction between a xenobiotic agent and
some target molecule within a compartment of an organism (Kendall et al. 2001.)
Biomarkers of exposure can thus be used to demonstrate bioavailability of xenobiotics of
interest by demonstrating uptake of the xenobiotic or its metabolites by an organism
(Schlenk, 1999.) Bioavailability has historically been assessed using chemical residue
analysis of environmental media such as animal tissue samples and toxico-kinetic
partitioning estimates of soil or water compartments (Fossi and Leonzio, 1994.)
Bioavailability is defined as the fraction of the bulk amount of chemical present
that is available for organism uptake and may vary depending on the chemical compound,
its speciation, and the physiochemical conditions of the surrounding environment
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(Belfroid et al. 1996.) Biomarkers of exposure can provide a reliable characterization of
bioavailable aquatic pollutants (van der Oost et al. 2003.) The examination of
estrogenicity of bile components would be one example of a biomarker of exposure to
xenoestrogens.
Biomarkers of effect can include biochemical, physiological, or other changes
within tissues or bodily fluids that can be associated with an altered health status or
diseased state (Kendall et al. 2001.) The subdivision of biomarkers can be vague
however, because biomarkers of exposure and effect are distinguished by the way they
are used rather than an inherent peculiarity (Suter, 1993). Examples of effect biomarkers
include induction of metabolic enzymes such as phase I or phase II xenobiotic metabolic
enzymes, or induction of vitellogenin by male fish (Goyer and Clarkson, 2001; Gimeno
et al. 1996.)
The third class of biomarkers are those of susceptibility, which are endpoints that
indicate an altered biochemical or physiologic state that is capable of causing an
organism to me more susceptible to impacts by chemical, physical, or infectious agents
(Barrett et al. 1997.) Unlike biomarkers of exposure and effect, biomarkers of
susceptibility do not represent stages along the dose-effect continuum but rather are
conditions capable of increasing the rate of transition between exposure and effect
(Schlenk, 1999). The contribution of factors such as nutritional status or age may provide
the ability to partially explain individual variation inherent to stressor responses of
populations.
Responses at higher levels of biological organization such as changes in
population structure may be considered “ecological effects” and require integrated
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monitoring program ranging from biomarkers at the organism level as well as
supplemental population and community level indicators (Peakall et al. 1993.)
Biomarkers provide information that cannot be obtained from measurements of chemical
residue analysis. Advantages of the biomarker approach include (McCarthy et al. 1990):
1) Biomarkers allow the integration of pharmacokinetic and toxicological interaction
resulting from exposure to a complex mixture of chemicals, providing cumulative
effect of toxicant interactions in molecular and or cellular targets.
2) Biomarkers can provide rapid responses to toxicant exposure and provide early
warning signals of long-term effects at several levels of ecological organization.
3) Biomarkers can be utilized to integrate episodic exposure to xenobiotics in time
and space using dose-response modeling.
However, since many biomarkers do not identify individual causative agents, chemical
and biomarker monitoring are complementary approaches to assessing environmental
contamination of xenobiotics.
Phase I and II Enzymes
Aquatic organisms that are exposed to xenobiotic chemicals can utilize both phase
I and phase II enzymes to protect against toxic effects of xenobiotic exposure and uptake.
As a result of toxicant uptake an organism can either excrete the parent toxicant in its
original form or the xenobiotic can undergo biotransformation by the organism.
Biotransformation is the process of converting the xenobiotic into a more water soluble
form to facilitate elimination (Klaassen, 2001.) If a toxicant cannot be excreted directly it
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will commonly be metabolized through the activity of phase I and II enzymes which are
characteristically in high concentrations in the liver.
In most vertebrate organisms the liver usually serves as a “first pass” for uptake of
ingested or absorbed toxicants because of its location downstream of portal blood flow
from the gastrointestinal tract (Hodgson, 2004.) In addition, the liver sinusoids have
fenestrated epithelium that allow for close contact between toxicants in the blood and the
membranes of hepatocytes, which then facilitates uptake of lipophilic compounds across
the membrane of the sinusoid (Klaassen, 2001; Hodgson, 2004.) Thus, xenobiotics
typically concentrate in the liver where they undergo metabolism by Phase I and II
enzymes, which may potentially be either induced or inhibited in response to xenobiotic
exposure (van den Oost et al. 2003.)
Phase I enzyme reactions are the first stage of metabolism for a variety of
xenobiotics which must first be made more hydrophilic to aid elimination and provide a
reactive group as a substrate for phase II reactions to proceed (Vermeulen, 1996.) Phase I
reactions are catalyzed by microsomal mono-oxygenase enzymes such as cytochrome
P450s (CYPs) and typically involve the addition or unmasking of reactive functional
groups through hydrolysis, oxidation, or reduction reactions (Sijm and Opperhuizen,
1989; Lech an Vodicnik, 1985.) In aquatic vertebrates CYPs, membrane bound proteins
primarily found in the endoplasmic reticulum of the liver, are typically responsible for
phase I oxidative metabolism of xenobiotics with planar sterical conformations such as
PAHs, PCBs, and dioxins (Stegeman et al. 1992; Bucheli and Fent, 1995.)
In aquatic vertebrates the CYP subfamily CYP1A1 has been shown to be
responsible for biotransforming a wide variety of xenobiotics (Goksoyr and Foerlin,
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1992.) In CYP1A1 induction a xenobiotic like TCDD binds to a cytosolic aryl
hydrocarbon receptor protein complex, (AhR) which is bound to two heat shock proteins
(hsp90) (Whyte et al. 2000.) The binding of the xenobiotic ligand induces the AhR to
release the heat shock proteins and the AhR-xenobiotic complex becomes
transcriptionally active. The AhR-xenobiotic complex is then capable of migrating across
the nuclear membrane into the nucleus where it forms a heterodimer complex with a
protein, the Ah-receptor-nuclear transporter (ARNT); this complex binds particular
xenobiotic response elements (XRE) specific to a DNA regulatory sequence, and induces
the transcription of the Ah gene battery and synthesis of the Ah genes’ respective proteins
such as CYP1A1 (Stegeman and Hahn, 1994; Klaassen, 2001.) Also, the induction of the
CYP1A1 transcription may also upregulate the transcription of other genes in the Ah
battery, notably UGT (Nebert et al. 1993.)
Estrogenic compounds, both exogenous and endogenous, are often conjugated
directly by Phase II enzymes such as UDP-glucuronosyltransferase (UGT) in the liver
and metabolites are excreted in the bile as estrogenically inactive conjugates (Dutton,
1980.) Although there is competition for substrates between phase II enzymes such as
UGTs and sulfotransferase enzymes (SULTs) due to similar substrate preference,
sulfation has a lower capacity (Vmax) than UGT and is not associated with the AhR
battery (Mulder, 1990; Clarke et al. 1991.) Therefore, sulfation may be a major
contributing route of phase II metabolism at low concentrations, but SULT does not have
a high capacity to be effective at increased substrate concentrations nor is it inducible by
the AhR receptor like UGT (Mulder and Jakoby, 1990.) Glucuronidation is therefore the
more significant phase II metabolic pathway in the induction of biotransformation by
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xenobiotics at increasing concentrations provided that the cofactor for glucuronidation is
available.
Phase II enzymes catalyze the conjugation of a xenobiotic parent compound or its
metabolites with an endogenous ligand, which typically involves the covalent addition of
large active sugar groups that increase the xenobiotic’s molecular weight and water
solubility (Klaassen, 2001.) The first step in glucuronic acid conjugation reactions is the
synthesis of uridine 5’-disphosglucuronic acid (UDPGA), which is a cofactor necessary
for glucuronidation (George, 1994.) In vertebrates UDPGA is synthesized in the cytosol
from uridine-trisphosphate and glucose-1-phosphate and transported through the
endoplasmic reticulum membrane to the active site on UGT, although the mechanism for
this trans-membrane relocation is not well characterized
Glucuronosyltransferases of fish are typically located in the endoplasmic
reticulum of liver microsomes (Mulder et al. 1990.) However, extrahepatic tissues such
as kidneys, gills, and intestine have also been shown to have UGT activity (George,
1994.) The various isoenzymes of UGT have a common C-terminal that anchors the
enzyme in the ER membrane facing the lumen of the ER and brings the enzyme into
close proximity with phase I enzymes like CYP1A; thereby facilitating conjugation of
phase I metabolites formed by CYPs and other lipophilic xenobiotics present in the ER of
liver hepatocytes (Tephly and Burchell, 1990.) The site of glucuronidation of a substrate
is typically an electron-rich nucleophillic heteroatom; therefore substrates for
glucuronidation contain functional groups such as phenols, carboxylic acids, amines, and
sulfhydryl groups (Klaassen, 2001.) It is the transfer of UDPGA to a wide variety of
acceptor substrates that yields O-, N-, S-, or C-glucuronides which are typically more
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polar than their parent compound and are excreted in bile and urine (Kasper and Henton,
1980; Mulder et al. 1990.) 
It is conceivable given the wide variety of structural chemical moieties that are
capable of acting as xenoestrogens, that biotransformation and elimination of some
xenoestrogens may induce both CYP and UGT activity simultaneously; Co-regulation of
CYP1A1 and UGT1A6 in mammals and CYP1A1 and UGT1B1 in fish has been shown
to facilitate detoxification of planar PAHs (Nebert et al. 1990; Celander, 1993; Safe et al.
1995.) However, the chemical nature of certain compounds and the substrate specificity
of specific UGT isoforms allow some xenobiotics to be directly metabolized by the
conjugation of UGT (George, 1994.) Hydroxyl moieties of 17β-estradiol and structurally
similar xenoestrogens containing hydroxyl, amine, or carboxylic acid functional groups,
are preferred substrates for glucuronidation (Klaassen, 2001; Mulder et al. 1990; George,
1994.)
Upregulation of UGT activity can therefore be related to xenoestrogen
bioavailability and effects of xenoestrogens on biotransformation enzymes can be utilized
as biomarkers (van der Oost et al. 2003; Stegeman et al. 1992.) The elimination of
xenoestrogens is determined primarily by UGT activity of hepatocytes provided enough
UDPGA is available for glucuronidation (Dutton, 1980; George, 1994.) Hepatic
microsomes can therefore be used in a UGT assay that measures the glucuronidation of
17β-estradiol, in which UDPGA is the glucuronosyl donor. Estradiol has two hydroxyl
groups, one in the 17 position of the D-ring and one on the 3 position of the A-ring (see
Figure 1), which are conjugated with glucuronic acid groups by UGT. Both
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glucuronidated end products are fluorescent, have discriminate sterical isometry, and
different solubility (Alkharfy and Frye, 2002.)
The (17) and (3) estradiol-glucuronides can be distinguished from the 17β-
estradiol parent compound using high performance liquid chromatography (HPLC)
because the glucuronides have specific retention times on a non-polar column due to
differences in their sterics and hence polarity that affects the affinity of each metabolite
for the non-polar column(Alkharfy and Frye, 2002.) In some species, the estradiol may
only be conjugated at one hydroxyl group preferentially. In humans, for example, the 17
position is preferentially glucuronidated by the UGT2B7 isoform of UDP-
glucuronosyltransferases, while the hydroxyl at the 3 position is mostly glucuronidated
by the UGT1A1 isoform (Gall et al. 1999.) It has been suggested that some lower
vertebrate species such as fish, lack the UGT isoforms required to conjugate at both of
the hydroxyl positions, and this may result in only one particular glucuronide metabolite
forming (Andersson et al. 1985b); this can also be evidenced by the HPLC method which
allows quantification of UGT activity of liver microsomes by examination of the types
and relative amounts of glucuronide metabolites that result from conjugation of 17β-
estradiol hydroxyl groups.
Previous field studies have revealed that fish exposed to sites contaminated with
non-planar PAHs and DDT have elevated levels of estrogen type UGT activity, which
corresponds well to laboratory investigations that have shown that fish hepatic estrogen
type-UGT activity increases in response to exposure and uptake of non-planar PAHs and
nonylphenols (Martin-Skilton et al. 2006; Lavado et al. 2004.) Other factors such as
gender, pH, temperature, and species differences have been shown to affect UGT activity
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(Stegeman et al. 1992.) In vitro studies of UGT activity in fish hepatocytes have shown
that UGT activity is maximal at 37ºC, neutral pH, and in the presence magnesium ion
(Mg+2) (George, 1994). However, salinity, reproduction, and nutritional status do not
appear to have an effect on UGT activity in fish (Andersson et al. 1985; Clarke et al.
1991.)
Multiple UGT gene families and their isoenzymes have been identified in
mammals and fish, which have complementary substrate selectivity for a broad range of
structurally diverse compounds (Klaassen, 2001; George, 1994; Clarke et al. 2001;
Clarke et al. 1992.) The different UGT isoenzymes are generally named for their
acceptor substrates (i.e. bilirubin, phenols, and steroids.)The isoforms UGT1A1-1A5 are
referred to as the ‘bilirubin cluster’ that have been shown to favor steroidal xenobiotic
substrates such as ethinylestradiol (EE2) (George, 1994; Clarke et al. 2001; Arukwe et al.
1997.) Another group of UGT1 family isoforms, UGT1A6, are typically involved in
conjugating planar PAHs such as benzo[a] pyrene (George, 1994; Nemoto and Gelboin,
1976.) In vertebrates the UGT2B family genes appear to also be involved in bile acid
and steroid hormone conjugation and homologous isoforms have been demonstrated in
fish (Clarke et al. 2001; Riedy et al. 2000.)
Therefore, depending on the expression and activity of various isoforms of UGT
it is conceivable that some species of fish may be more sensitive to xenoestrogenic
exposure than others. Biotransformation enzymes such as UGT may also have varying
degrees of basal UGT activity in different species of fish hepatocytes (Andersson et al.
1985a.) Compared to phase I enzymes such as CYPs, the induction responses of phase II
enzymes such as UGT are generally less pronounced (Burchell, 1997; Andersson et al.
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1985b) although UGT activity appears to be the phase II parameter that is most
responsive to pollutant exposure across species (van der Oost et al. 2003) It is likely that
UGT is up-regulated through the Ah receptor, and that phenol type-UGT is sensitive to
induction by Ah-dependent mechanisms similar to those of CYPs (Nebert et al. 1990;
Celander, 1993.) UGT activity has been used as a valid biomarker in the assessment of
xenoestrogen contamination and effects in fish (Clarke et al. 1991; George et al. 1994.)
Regardless of the metabolic pathway used, xenoestrogens that are bioavailable are
eventually biotransformed by previously described enzymatic processes and excreted.
Biotransformation reactions ultimately produce xenobiotic metabolites that usually are
hydrophilic to an extent (Vermeulen, 1996.) This allows the metabolites to be retained in
the lumen of hepatocytes where biotransformation reactions most often occur (Sijm and
Opperhuizen, 1989.) After biotransformation the once lipophilic xenobiotics are more
polar and less able to diffuse out across the lipid membranes of the hepatocytes sinusoids.
Instead, the next step towards elimination of the xenobiotic metabolite involves active
transport of the metabolite across the canalicular membrane into the bile canaliculus and
ultimately into the bile duct for transport to the gall bladder (Hodgson, 2004; Klaassen,
2001.)
The active transport of xenobiotic metabolites across the canalicular membrane is
performed by active transport proteins on the canalicular membrane that shuttle the
metabolites into the bile canaliculus (Hodgsen and Meyer, 1997.) The active transport
proteins are members of a multi-gene super-family of proteins which are ATP-binding
cassette recorders, and include two particular subfamilies: P-glycoproteins and MDRs
(multi-drug-resistant proteins). The two subfamilies have been shown to have major
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roles in the hepatic elimination of xenobiotics as well as endogenous compounds
(LeBlanc and Dauterman, 2001.)
The P-glycoprotein subfamily of active transport proteins usually prefer substrates
with one or more cyclic structures, a high molecular weight ( > 400 kDa) and moderate
to low lipophilicity ( log Kow < 2) (Hodgson, 2004.) For example, these proteins have
been shown to transport hydroxylated derivatives from CYP metabolism (Bard et al.
1998; Sharom, 1997.)
Although the MDR subfamily of transport proteins is similar to P-glycoproteins,
the MDR subfamily has been shown to prefer to transport xenobiotic conjugates of phase
II metabolism (Hodgson, 2004.) Therefore, conjugation of lipophilic xenobiotics in
hepatocytes may automatically target the xenobiotic for active transport via MDRs across
the canalicular membrane for elimination (Kurelec, 1992; Kurelec, 1995.)
The relative importance of biliary excretion depends on the substance and species
concerned. Generally, compounds of higher molecular weight are excreted preferentially
in the bile (Hodgson, 2004.) Glucuronide conjugates have been shown to have a high
predilection for excretion into the bile (Klaassen et al. 1981.) However, previous studies
have also shown evidence that there substantial species variation exists in the extent of
biliary excretion of xenobiotics (Klaassen and Watkins, 1984.) Therefore, if species
variation in biliary excretion is compound specific, biological half lives of compounds
and their toxicity may be difficult to assess across species.
In fish it has been reported that glucuronidation is quantitatively the most
important pathway for detoxification and excretion of xenobiotics (George, 1994.) A
wide and structurally diverse range of xenobiotic compound metabolites have been
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detected in bile, including xenoestrogens (Etienne et al. 2005.) As previously discussed,
xenoestrogens in fish are ultimately conjugated by UGT enzymes which are primarily
localized in the liver. Therefore, since xenoestrogenic glucuronidation products are
typically hydrophilic metabolites subject to active transport across canalicular
membranes by MDRs, the xenoestrogenic glucuronide metabolites are excreted into the
bile. The conjugated glucuronide metabolites of xenoestrogens can be measured in the
bile as an indicator of exposure to xenoestrogenic compounds (Allard et al. 2004.)
Several studies have shown that estrogenic chemicals can be detected at high
concentrations in fish bile (Legler et al. 2002; Etienne et al. 2005.) Certain xenoestrogens
such as hydrophilic alkyl phenols concentrate between 20000-70000-fold in fish bile
depending on the species (Ferreira-Leach and Hill, 2001; Pederson and Hill, 2002.) High
concentrations of 17β-estradiol, estrone, ethinylestradiol, nonylphenol, and bisphenols
were detected in bile of trout caged below wastewater treatment plants in Sweden
(Koerner et al. 2005.) Thus, analysis of bile fluids could provide useful information about
the nature and levels of estrogenic contaminants that are bioavailable to fish.
However, the conjugated metabolites of xenoestrogens typically detectable in fish
bile are inactive as ligands for estrogen receptors (Paulson et al. 1986.) Xenobiotics
conjugated with glucuronic acid are substrates for β-glucuronidase, which is present in
the lysosomes of some mammalian tissues but is particularly found in intestinal
microflora (Rozman, 1986; Klaassen, 2001.) The β-glucuronidase is capable of
hydrolyzing the xenobiotic conjugate glucuronide that was formed by glucuronidation
with UGT. Through deconjugation of the bile metabolites, using β-glucuronidase, the
metabolites can be quantitatively assessed for estrogenic activity, providing a viable
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biomarker of exposure to fish to estrogenic compounds (Etienne et al. 2005; Legler et al.
2002.)
Estrogen receptor competitive binding assays have been used extensively in the
quantification of estrogenic activity of chemicals and biological samples (Soto et al.
1995; Obourn et al. 1993; Koch and Gray, 2004.) These assays are conducted by
determining the binding affinity of a test compound for the estrogen receptor (typically
uses recombinant human estrogen receptors α, β) by comparison to a radio-labeled
competitor with known binding affinity for the receptor, such as 17β-estradiol. Bile
metabolic extracts may contain estrogenically active compounds capable of displacing
17β-estradiol from the estrogen receptor (Gibson et al. 2005.)
A useful standard protocol for an estrogen receptor competitive binding assay was
developed by Koch and Gray (2004), in which 17β-estradiol is radioactively labeled and
allowed to incubate with the estrogen receptor. The deconjugated bile metabolite extracts
are then allowed to react with the estradiol-bound receptor in order to compete with and
displace the estradiol. The estrogenicity of the metabolites is expressed as estrogen
receptor binding equivalents (EBE) in 1-gram of bile protein extract, which is based on
the extract dilution that displaces approximately 50% of the radio-ligand estradiol.
Therefore, EBE represents a quantitative measure of estrogen receptor binding potential
of the metabolite extracts in 1-gram of bile protein sample. Similar protocols have been
developed for the sensitive evaluation of estrogenicity of herbal extracts, plant
compounds, and residue analysis (Obourn et al. 1993.)
Although the concept of competitive binding assays to assess estrogenicity of
compounds can be useful to reproducibly quantify the estrogenicity of bile metabolites
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quickly and inexpensively, the use of radiolabeling does have disadvantages. There are
radiation hazards associated with using radioactively labeled reagents that require
specially trained personnel and laboratory licenses and therefore pose limitations on the
widespread application of radiolabeled assays.
However, analysis of fish bile metabolites for estrogenic activity has been shown
to provide useful characterization of the extent of exposure of fish to xenoestrogens, since
the metabolites are the cumulative endpoint for xenoestrogens regardless of structure or
concentration (Fossi and Leonzio, 1994.) Therefore, one particular advantage of
analyzing the estrogenic activity of the bile metabolites collectively is that it does not
require identification of individual congeners or chemical compounds. A wide variety of
chemicals and compounds present in the environment have the potential ability to act as
xenoestrogens; it is possible that mixtures of xenoestrogens at various individual
concentrations have the ability to act synergistically towards the estrogen receptor. The
potential cumulative estrogenic activity of mixtures of xenoestrogens in the environment
may consequently not be the same as for the individual compounds. Therefore, the
analysis of the cumulative estrogenicity of bile metabolites has been shown to be a useful
biomarker in the quantification of exposure of aquatic vertebrates to mixtures of
xenoestrogens typically found in the environment, such as wastewater effluent (Allard et
al. 2004; Etienne et al. 2005; Gibson et al. 2005.)
The estrogenic activity of deconjugated bile samples taken from bream sampled
from locations downstream of wastewater treatment plants in the Netherlands showed
good correlations with the induction of plasma vitellogenin the those fish (Vethaak et al.
2002.) Vitellogenin induction in male and juvenile fish has been shown to be a viable in
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vivo biochemical EDC-screening assay of effect of xenoestrogens (Gimeno et al. 1996;
Sumpter and Jobling, 1995; Larsson et al. 1999.) Systemic concentrations of various
hormones have been frequently utilized as biomarkers for EDCs in fish, amphibians,
reptiles, birds, and mammals (Danzo, 1997; Sonnenschein and Soto, 1998.)These
procedures have broad application to all vertebrate classes since hormones, especially
steroid and thyroid hormones have been shown to be evolutionarily conserved across all
vertebrate classes. Particularly, vitellogenin (VTG) has been utilized as a bio-indicator of
potential exposure and effects of estrogenic EDCs in fish and other oviparous vertebrates
(Carnavali and Belvedere, 1991; Folmar et al. 1995; Palmer and Selcer, 1996.)
VTG, a phospholipoprotein, has been found to be produced in the liver
hepatocytes under the control of estradiol in oviparous female fish, amphibians, reptiles,
and birds (Walker et al. 2001.) Oviparous females have been shown to have VTG cycles
that correspond to egg production, and during reproductive periods when plasma VTG
concentrations can rise one million fold in female fish, compared to non-reproductive
seasons (Hodgson, 1994; Copeland et al. 1986; Haux et al. 1988.) VTG is normally
transported from the livers of egg producing female fish via the bloodstream to the
developing oocytes where it is transformed into egg yolk protein that ultimately serves as
a food supply for developing embryos (Walker et al. 2001.)
However, although low basal levels of VTG expression in male fish may be
normal for some species, it is believed that in general little if any VTG occurs in male
and juvenile fish (Copeland et al. 1986; Sumpter and Jobling, 1995.) Potential EDCs,
which are capable of mimicking or altering endogenous levels of estradiol, may induce
production of VTG in male and juvenile fish (Kirby et al. 2004; Arukwe et al. 2000;
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Harries et al. 1999.) Therefore, plasma VTG levels of male and juvenile fish have been
used as a biomarker of exposure and effect of estrogenic EDCs such as alkyl phenols,
phthalates, and PCBs (Folmar et al. 2001; Jobling et al. 1998; Ma et al. 2005; McClain et
al. 2003.)
Vitellogenin production in male and juvenile fish has been measured using a
variety of diagnostic techniques, each with its own particular advantages and drawbacks.
Enzyme linked immunoassays (ELISA) have been used to measure plasma
concentrations of VTG sensitively and reproducibly, although typically expensive
(Arukwe et al. 2000; Copeland and Thomas, 1988.) Gene expression and SDS-PAGE
(sodium dodecylsulphate-polyacrylamide gel electrophoresis (Folmar et al. 2001; Sole et
al. 2003; Chang et al. 2005) are other viable and available techniques for the
determination of plasma VTG. These in vitro methods of screening for VTG have been
shown to correlate well with laboratory data on the estrogenic effects of a variety of
estrogenic compounds, such as DDT, PCBs, alachlor, and atrazine; Lindholst et al.
(2000) found a dose response of VTG in the blood plasma of rainbow trout after exposure
to varying concentrations of bisphenol A.
Classically, the production of VTG can either be used to indicate the estrogenic
effect of an individual chemical or class of compounds, or the production of VTG can be
used a general biomarker of the exposure and effect of fish to estrogenic EDCs that may
be present in the aquatic environment, particularly in wastewater effluents. In either case,
the production of VTG in male and juvenile fish has also been associated with other
characteristic effects of xenoestrogen exposure at the organismic level, such as
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feminization, sterility, and reduced sperm motility (Gimeno et al. 1996; Billard and
Breton, 1981 Jobling et al. 1996.)
A pronounced increase in plasma VTG levels in male and juvenile fish was
observed in many laboratory studies (e.g. Sumpter and Jobling, 1995; Wahli et al. 1998;
Lindholst et al. 2000; Hemmer et al. 2001) and in field studies (e.g. Purdom et al. 1994;
Mellanen et al. 1999; Lye et al. 1999; Larsson et al. 1999). Larsson revealed that
observed hermaphroditism in fish downstream of wastewater plants was due to the
presence of low concentrations of 17α-ethinylestradiol (EE2) in the wastewater effluent.
EE2 is a synthetic estrogen used in human birth control pills. Other studies have also
shown that wastewater facilities receiving primarily domestic influents have detectable
amounts of EE2, estradiol, and estrone in the wastewater effluent, as well as alkyl
phenols and PAHs (Ahel et al. 1994a; Vethaak et al. 2002; Jobling and Tyler, 2003.)
Most non-chlorinated environmental estrogens that have been studied to date are
alkyl phenols such as nonylphenols and octylphenols (Ahel et al. 1994b; Baird and Cann,
2005.) Alkyl phenols present in wastewater and drinking water have been shown to
originate from the breakdown of larger ethoxylate molecules which are broken down to
smaller, more estrogenically active alkyl phenols in the sewage treatment processes of
wastewater plants (Ahel et al. 1994a; Sonnenschein and Soto, 1998.) Their presence in
drinking and wastewater has led the European Union to impose restrictions on the use of
ethoxylates in detergents, paints, and plastics (Baird and Cann, 2005.) Vitellogenesis in
male and juvenile fish was typically used in several studies (Lech et al. 1996; Aerni et al.
2004; Ma et al. 2005, Rodgers-Gray et al. 2000) as an endpoint of alkyl phenol estrogenic
EDC exposure in fish downstream of wastewater plants. These studies have all indicated
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that male and juvenile fish exposed to mixtures of xenoestrogens in wastewater 
effluent (e.g. alkyl phenols, EE2) show induction in plasma VTG.  Thus VTG induction 
in male and juvenile fish can be used as a biomarker to indicate the exposure and effect 
of xenoestrogens that may be present in the riverine watersheds both from urban runoff 
(PAHs, pesticides) and domestic wastewater effluent (estradiol, EE2, alkyl phenols, etc.).  
 
 
                                    Sentinel Species Selection 
In order to assess the presence of xenoestrogenic compounds in Reedy River 
watershed, a sentinel species of fish was chosen to elucidate and characterize effects of 
estrogenic EDCs. For several reasons, fish species have attracted considerable interest in 
studies assessing biological and biochemical responses to environmental contaminants 
(Powers et al. 1989). Bio-monitoring species from exposed communities should be 
selected on the basis of their relationship and relevance to the endpoints being examined, 
as well as their practical use in field and laboratory assessment, as well as to how they 
relate to the rest of the organisms in an exposed community (Suter, et al. 1993.) Fish have 
been shown to be appropriate sentinel species to monitor exposure and effects of 
contaminants in aquatic environments because they are known to have major ecological 
roles in their aquatic environments as intermediate trophic organisms that carry energy 
from lower to higher trophic energy levels (Beyer, 1996).  The species of fish used in 
ecological health and biological monitoring are often game fish (Suter et al. 1993.) The 
relevance of contamination of game fish to possible impacts on human health is of great 
concern and for this reason sentinel fish species such as bluegill (Lepomis macrochirus) 
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which is also economically important to humans are often used in aquatic ecological 
monitoring studies. 
Bluegill is a freshwater fish native to most of eastern North America from Quebec 
to Mexico that is a popular game fish for anglers (Page and Burr, 1991.)  Bluegill are a 
schooling fish with schools typically consistent of 20-40 individuals; adults typically 
grow to a maximum length of 13.8 in. Home-ranges for bluegill are typically less than 
300 sq ft (Williams et al. 1996.) 
Bluegill are omnivorous, and will consume invertebrates such as damselflies, 
mosquitoes, small fish such as minnows, crustaceans, and vegetation. Adults and 
juveniles are typically active in the early morning and late evening, feeding in shallow 
areas under the cover of overhanging brush or partially submerged limbs.  Bluegill are 
prey to many animals, including larger fish, birds, turtles, snakes, and even humans. 
Bluegill are commonly consumed by fisherman. 
The spawning cycle of bluegill has been shown to be dependent on the 
temperature of the water (18ºC- 27ºC); spawning typically begins in early June when the 
water temperature approaches 18ºC and may continue throughout summer and into 
August, until water temperatures drop below 16ºC. A female bluegill generally lays 
several thousand eggs in a single clutch, buried in shallow nests in sand and gravel, that 
hatch in a 2-5 days (McClane, 1978).  
Bluegill were selected for this study because they are present along the entire 
length of the Reedy watershed. Bluegill are found both in the streams and river pools 
above the city of Greenville, and south in Lake Conestee Boyd Mill Pond, and Lake 
Greenwood. Bluegill have been used extensively for toxicological analysis of PAHs, 
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endocrine disruption in vitro and their use as sentinel species is well characterized 
(Maxwell and Dutta, 2005; Cheek, et al. 2004.)
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 The overall goal of this study was to characterize the endocrine disrupting effects 
of xenoestrogenic compounds present in the Reedy River watershed using bluegill 
(Lepomis macrochirus).  This goal was attained using the following individual objectives: 
1. Determine whether bluegill in the Reedy River watershed are being exposed 
to estrogenic endocrine disrupting compounds by assessment of estrogenic 
activity of bile metabolites in fish from the Reedy watershed compared to 
metabolites of bluegill collected from reference sites.  
2. Investigate whether exposure of bluegill to estrogenic endocrine disrupting 
compounds is linked to effects, as measured by UGT activity in hepatocytes, 
plasma VTG levels, and HSI.  
3. Investigate whether regional variations or hot spots of exposure to 
xenoestrogens exist among the collection sites.  







    




 All chemicals were obtained from Fischer Scientific (Atlanta, GA) unless 
otherwise noted. UDP-glucuronic acid (trisodium salt), Brij-58 (polyoxethylene-20-cetyl-
ether), 17-β estradiol, and trifluoroacetic acetic acid were obtained from Sigma Chemical, 
(St. Louis, MO). Human recombinant estrogen receptor (ERβ) was obtained from 
PanVera, (Madison, WI). [2, 4, 6, 7-3H(N); 71 Ci/mmol] (3H-E2) was purchased from 
NEN Life Sciences Products (Boston, MA).  
 
Sampling Sites 
 Of the 10 sampling sites chosen (Figure 3), the primary interest was in 
establishing sites along the Reedy River watershed that were above and below 
wastewater treatment facilities around urban developments in order to investigate the 
effects of endocrine disrupting compounds present in the wastewater effluent and runoff 
along the river system.  
 







Two reference sites were chosen: Lake Robinson (LR) and a section of the Reedy 
River two miles north east of the city of Traveler’s Rest and Highway 25 (R1), since they 
are above the city of Greenville and the wastewater treatment systems, and both are 
largely undisturbed and undeveloped sites. The Lake Robinson site did show increasing 
evidence of dredging and new construction. 
 Lake Robinson is an 800 acre lake that includes primarily undisturbed shorelines, 
and is located about 17 miles north-northeast of Lake Conestee, and is not part of the 
Reedy River watershed.  Fish were collected by wading from the shoreline, near 
shallower reaches and fallen trees and floating vegetation.  
 The section of the Reedy River above the city of Traveler’s Rest was labeled R1, 
and is a very narrow section of stream, surrounded by dense vegetation, about a mile off 
Highway 25. There was very little evidence of human disturbance, but ample animal and 
bird tracks and scat provided evidence of a variety of species present in the area. The area 
is not immediately surrounded by agricultural use lands such farms and crop plots that 
may contribute to runoff into the stream. Instead, the stream is surrounded by bamboo 
and brush, and the fields surrounding the stream appear to be brush grass, not currently 
utilized farmland. Fish were collected by wading in the stream near the banks and fallen 
limbs.   
 The site above the first wastewater treatment facility was designated R2, located 
at the intersection of Interstate 85 and Mauldin Road above the Western Carolina 
Regional Sewer Authority offices.  The site was chosen because it is downstream of the 
city of Greenville but above the first wastewater treatment facility at the Mauldin Road 
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plant, and would serve to indicate effects from urban runoff and non-point sources rather 
than the wastewater treatment facility and its effluent output into the Reedy River.  
 R3 was the label given to the site directly downstream of the wastewater 
treatment facility for the city of Greenville, located off of Mauldin Road. R3 was selected 
in order to investigate EDCs that are present in the wastewater effluent from the Mauldin 
wastewater facility. 
The site designated R4 is directly above the Lake Conestee dam, while R5 is the 
site one half mile downstream of the dam. Lake Conestee is a 20 acre reservoir about 7 
miles south of the city of Greenville, South Carolina that has been dammed since 1830. It 
has since been severely polluted, having collected trash, contaminated textile mill wastes, 
sediments, and wastewater treatment effluents from Greenville. (Zapata and Pinnacle, 
2003).  Fish in the R4 site were collected immediately before the dam, near partially 
submerged vegetation and limbs. The fish for the R5 site were collected half a mile 
downstream of the dam, where the current was not very fast, and the stream was forming 
pools, where the fish were gathered. 
R6 was the label given to the site directly below the Lower Reedy River plant. It 
is a water treatment facility for Greenwood and surrounding counties south of Greenville 
and has an average flow of 15 MGD (12.3 from residential sources, and the remainder 
from industry) (SRWC, 2005.) This site was selected in order to investigate EDCs in 
wastewater effluent from the Lower Reedy plant.   
The site R7 is located approximately 2 miles downstream of the Lower Reedy 
River plant and is mainly forested with dense brush.  This site was selected in order to 
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examine whether EDCs discharged into the watershed at the Lower Reedy wastewater 
plant were transported downstream.  
 R8 is the site at Boyd Mill Pond. Boyd Mill Pond is a 182 acre reservoir that is 
about 24 miles downstream of Lake Conestee.  Boyd Mill Pond was selected because it a 
significant impoundment on the Reedy River and because the site has been used in 
previous studies of the Reedy watershed.  
R9 is the Reedy arm of Lake Greenwood. Lake Greenwood is an 11,400 acre 
reservoir 12 miles downstream of Boyd Mill Pond. It was selected because is the last 
impoundment on the Reedy River watershed and is the ultimate sink for EDCs 
















 From each of the 10 sampling sites 20 bluegill were collected by electroshocking 
(Smith-Root Inc., 1.5 KVA Electrofischer) in the Spring (April), summer (July), and fall 
(September) of 2006. The sample size was limited by the fish collection permit which 
allowed 20 fish from each sampling site per season.  Only fish < 8 cm were collected. 
Upon necropsy fish were inspected for gonads and fish that were determined to be either 
male (by presence of testes) or female (presence of ovaries) were not included in this 
study.   
Gender of the fish was an important consideration in the selection of our sample 
group. Female fish are known to have high basal levels of estrogen which fluctuate 
depending on the stage of their reproductive cycle (Copeland et al. 1986.) Changes in 
estrogen hormone levels in females may therefore be independent of xenobiotic exposure. 
For that reason males and juveniles have been used in studies of EDCs because they do 
not ovulate and have low basal levels of estrogenic hormones. Consequently, biomarker 
endpoints such as plasma VTG and estrogenicity of bile can be used an indicator of 
exposure to xenoestrogenic compounds and endocrine disruption in both males and 
juveniles (Martin-Skilton et al. 2006; Wahli et al. 1998; Donohoe and Curtis, 1996.) 
Juveniles were selected for this study based on their abundance and because previous 
studies have indicated that juvenile fish are suitable sentinels for examining endocrine 
disruption.  
 Blood was obtained in the field by caudal vein puncture using a disposable 
needle and heparanized Vacutainer®. Blood was transferred to a labeled Cryovial® and 
kept on ice until return to the laboratory where it was centrifuged at 9000 rpm for 10 
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minutes to separate the plasma. The supernatant plasma was collected and aliquoted into 
1.5 ml microcentrifuge tubes and stored at -80˚C until analysis. Euthanized fish were kept 
on ice until returned to the laboratory where they were measured (cm), weighed (g), 
sexed, and necropsy could be performed to remove the gall bladder, liver, and gonads. 
The livers were wrapped in aluminum foil and frozen in liquid nitrogen, and stored at -
80˚C until analysis. The remaining samples were stored at -20˚C. Carcasses were placed 
in plastic bags and stored at -20˚C pending incineration.  
 
Preparation of S9 Liver Fractions 
Enzyme activities can be measured using sub-cellular fractions, and often 
separated into cytosolic and membrane bound enzymes by centrifugation. S9 fractions, 
by contrast, are post-mitochondrial fractions containing both microsomes and cytosol, 
and therefore contain both dissolved and membrane bound enzymes. The homogenization 
buffers contained sucrose to prevent damage during freezing, and protease inhibitors 
EDTA (ethylenediamine tetraacetic acid) and PMSF (phenylmethylsulfonyl fluoride) to 
prevent protein and enzyme degradation. DTT (dithiothreitol) was added as a reducing 
agent to prevent disulfide bridge oxidation of proteins and maintain protein tertiary 
structure.  
 Approximately 0.5-1.0 g of individual liver tissues were homogenized (Biospec 
Products, Inc. Tissue TearerTM, Bartlesville, OK) in 5 ml ice-cold homogenization buffer 
(0.25 M sucrose, 0.05 M Tris-base, 1 mM EDTA, 1 mM DTT, 0.2 mM PMSF, pH 7.4). 
The homogenates were then centrifuged at 4˚C and 10,000 g for 20 minutes using a 
Beckman J2-21M/E centrifuge with JA-20.1 rotor. The lipid layer was removed and 
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discarded. The remaining supernatant was aliquoted in four 1.5 ml microcentrifuge tubes 
(Fischer Scientific, Fair Lawn, NJ). A 25 µl sub-sample was taken from one of the four 
aliquots for protein analysis before the aliquots were frozen at -80˚C. The sub-sample 
aliquot was contained in a 1.5 microcentrifuge tube, was stored at -20˚C until protein 
analysis was performed.  Protein analysis was performed on a colorimetric plate reader 
(Molecular Devices Spectramax 190, Sunnyvale, CA) at 562 nm using bicinchoninic acid 




 UDP-glucuronosyltransferase (UGT) activity in liver S9 fractions was measured 
using a modification of the technique of Alkharfy and Frye, (2002) to measure the 
conjugation of a glucuronic acid group to the hydroxyl moieties of 17-β estradiol (E2) by 
the estrogen-type UDP-glucuronosyltransferases (UGT). The glucuronosyl donor is 
uridine 5’-diphosphoglucuronic acid (UDPGA). 17-β Estradiol, as seen in Figure 4, has 
two hydroxyl groups: one on the 17 position (D-ring) and one on the 3 position (A-ring). 
Both glucuronidated end products can be identified and quantified by use of high 




Figure 4: Structure of 17-β estradiol. 
 
 Liver S9 fractions were prepared by adding Brij-58 to the S9 aliquots at a ratio of 
0.2 mg Brij to 1 mg protein and diluted in enough S9 and water for a total protein 
concentration of 1 mg/ml. Each sample was analyzed in duplicate reaction tubes which 
contained 1 mM 17-β estradiol substrate in ethanol and were blown dry under a gentle 
stream of nitrogen to evaporate off the ethanol. An aliquot of 100 µl (100 µg protein) of 
S9 mixture was added directly to the reaction tube containing only the substrate and pre-
incubated on ice for 30 minutes to allow interaction of enzyme with the estradiol 
substrate.  A reaction mixture, containing 50 µl of 1 M Tris-HCl (7.4), 50 µl of 50 mM 
MgCl2, and 250 µl deionized water was then added to each tube.  Sample tubes were 
acclimated to 27˚C in a shaking water bath for 2 minutes prior to the addition of the 5 
mM UDPGA, in timed intervals, which initiated the reaction. Tubes were incubated for 1 
hour before stopping the reaction with 2 ml methanol, also in timed intervals. 
Immediately following the addition of MeOH, the tubes were vortexed and put on ice for 
15 minutes to allow complete protein denaturation. Following incubation, exactly 25 µl 
dextromethorphan was added to each tube as an internal standard. The tubes were then 
centrifuged at 2000 rpm and 4˚C for 10 minutes. An aliquot of 1 ml of the clear 
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supernatant was then transferred into HPLC vials and stored at -20˚C until analysis using 
HPLC.  
 Analysis of the estradiol metabolites was performed on a Waters Breeze HPLC 
system with a UV-VIS absorption and fluorescence detector. Analytes were separated on 
an Alltech Alltima Phenyl column (5 µm, 250 x 4.6 mm) using an isocratic mobile phase 
of 60% water, 40% acetonitrile, acidified with 0.1% trifluoroacetic acid, at 1 ml/min 
(Alkharfy and Frye, 2002). Subsamples of 30 µl were injected, and peaks were detected 
with a fluorescence detector at 210 nm (excitation) and 300 nm (emission) and a run time 
of 25 minutes. A standard curve was also prepared using estradiol-17-glucuronide and 
estradiol-3-glucuronide using a serial dilution from a stock solution of 1.00 µM 
concentration. The seven standard tubes were prepared with simulated reaction mixtures, 
but without UDPGA and liver fractions. Peak area integrations for glucuronidated 
estradiol metabolites were recorded and recalculated into nmol of conjugate formed per 
mg of S9 fraction protein (nmol/mg/min). The peak areas were corrected by dividing by 
peak areas of the internal standard to obtain a ratio of the glucuronidated peak to that of 
the internal standard. This ratio was then applied to the regression line of the standard 
curve in order to calculate UGT enzyme activity in nmol glucuronidated estradiol per mg 







Preparation of Bile Extractions 
 Prior to performing the estrogen receptor competitive binding assay to measure 
the estrogenic activity of the bile from collected gall bladder samples, a deconjugation 
and extraction of the bile samples was performed. Estrogenic compounds, both 
exogenous and endogenous, are often conjugated by Phase II enzymes such as UGT and 
SULT and excreted in the bile as estrogenically inactive conjugates. In order to measure 
the exposure of fish to estrogenically active compounds, the bile extracts were first 
deconjugated using β-glucuronidase and sulfatase enzymes to de-conjugate the UGT and 
SULT conjugates in the bile. The de-conjugated bile products were then extracted into 
methanol for the estrogen receptor binding assay.  
 As a negative control conjugated bile products from bluegill collected during 
spring sampling, which were not first de-conjugated with β-glucuronidase and sulfatase, 
were also extracted into methanol for the estrogen receptor binding assay. The estrogenic 
activity of the conjugated bile products was found to be minimal and for the summer and 
fall seasons de-conjugation was performed for all bile samples prior to performing the 
estrogenicity assay. 
 Gall bladder samples were thawed on ice, and samples of 10 µl of bile were 
transferred to glass test tubes and 700 µl of 100 mM (pH 5.0) sodium acetate, and 600 µl 
of distilled water were added to each tube. Β-glucuronidase was added in the ratio of 4 
units glucuronidase per μl bile, and sulfatase was added in the ratio of 1 unit sulfatase per 
μl bile. The tubes were then sealed and incubated in a 37˚C water bath overnight (a 
minimum of 12 hours) to allow for complete deconjugation of the bile compounds.  
Following incubation, 100 µl of 1 N HCl was added to each tube to stop the 
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deconjugation reaction, and the tubes were vortexed. To extract the deconjugated 
estrogenic compounds from the bile, 2 ml of MeOH was then added to each test tube, and 
the tubes were allowed to sit on ice for 30 minutes, before being centrifuged at 9000 rpm 
for 30 minutes. The supernatant was collected and aliquoted into 1.5 ml microcentrifuge 
tubes and stored at -20˚C until analysis.  
 
Estrogen Receptor Competitive Binding Assay 
 The estrogen receptor competitive binding assay is used to measure the estrogen 
receptor binding activity of a sample relative to 3H-17-β estradiol, a synthetic estrogen 
capable of binding the estrogen receptor (both α and β) with a very high affinity. The 
protocol was developed as a modification from Koch and Gray (2004). The estradiol is 
radioactively labeled and allowed to interact with the estrogen receptor. The sample is 
then allowed to react with the estradiol-bound receptor in order to compete with and 
displace the estradiol. The difference in radioactivity is then measured to determine the 
ability of the sample to displace the labeled estradiol, and thus competitively bind the 
estrogen receptor, and can be used as a measure of estrogenic activity of the sample.   
 Standard curves and bile extracted samples were prepared in glass culture tubes in 
duplicate, including TB (total binding) tubes, NSB (non-specific binding) tubes, and DES 
(positive control) tubes. Standards were prepared in the range of 0.05 – 3.2 ng 17-β 
estradiol (E2) per 100 µl binding buffer. Bile extraction samples were first diluted 1: 50 
and then 100 µl of each sample extraction in MeOH was added to a test tube. Sample and 
standard curve tubes were then evaporated to dryness under a gentle stream of filtered air. 
Next, 50 µl of binding buffer ( 40 ml of 10% glycerol, 0.123 g  of 2 mM DTT, 0.400 
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BSA (1 mg/ml), 4 ml of 1M Tris stock (pH 7.5), 356 ml distilled water) was added to 
each tube, except the NSB tubes which received 100 µl of the binding buffer. 100 µl of 
the labeled estradiol was added to every tube, and immediately added 50 µl of the β-
receptor to each tube except the NSB and TC tubes. The tubes were then covered with 
parafilm and incubated at room temperature for 2 hours, and then at 4˚C overnight (at 
least 12-18 hours).  
Following overnight incubation, 1 ml of charcoal suspension (3 g charcoal/ml 
binding buffer, ice cold) was added to each tube, and the rack with the tubes was placed 
in an ice-water bath. The tubes in the rack were then gently shaken to mix, and incubated 
in the ice-bath for 5 minutes, then centrifuged at 1800 x g for 10 minutes. The 
supernatant was the poured off into labeled 7 ml scintillation vials, and the tubes with the 
charcoal pellet were discarded into the radioactive waste container. An aliquot of 4 ml of 
scintillation fluid (Ultima Gold™ ; Packard; Cat. No. 6013329; Meriden, CT) was added 
to all tubes. The tubes were then capped and briefly shaken, and then counted for 10 
minutes per vial (2% sigma machine error), using a Beckman LS 1800 liquid scintillation 
counter (Irvine, CA).   
Data capture was performed using StatLIA Analysis software (Brendan Scientific, 
Carlsbad, CA). Concentration of test samples displacing approximately 50% 3H-E2 
binding from each receptor (IC50) was determined from the standard curve. Results were 
given as a percentage of binding of the estrogen receptor and concentration of receptor-
binding compound in ng/ml binding buffer, which was then assessed for dilution factors 
and calculated as ng estrogenically active compound per ml MeOH, and represents the 
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relative measure of estrogen receptor binding potential (EDC)of compounds in 1 ng of 
bile.  
 
Vitellogenin Assay: an ELISA 
 Detection of the egg yolk precursor Vitellogenin (VTG) in plasma samples of 
juvenile and male fish is a simple and sensitive biomarker indicative of endocrine 
disrupting chemicals (EDCs) with xenoestrogenic effects (Arukwe and Goksoyr, 2003; 
Sumpter and Jobling, 1995). VTG concentrations in plasma was measured using an 
enzyme linked immunosorbent assay (ELISA) developed by Biosense Laboratories of 
Bergen, Norway, which uses carp (Cyprinus carpio) VTG capture anti-bodies that have 
been shown to be very sensitive for bluegill, fathead minnow (Pimephales promelas,) and 
a variety of bream species (genera Abramis, Acanthopagrus, Argyrops, Blicca, Brama, 
Nemipterus, Rhabdosargus and Scolopsis.)  
The VTG ELISA uses a specific binding between antibodies and VTG in order to 
quantify VTG in test samples, using microplates that have been pre-coated with a specific 
capture antibody that binds VTG in samples and standards that are added to the wells. A 
separate VTG-specific detection antibody is added to create a sandwich of VTG and 
antibody that is measured using an enzyme-labeled secondary antibody whose activity 
and substrate binding is measured by the colored product of substrate binding. The color 
intensity of the secondary antibody indicates the amount of VTG present in the sample.  
 The ELISA was performed exactly as instructed in the kit provided by Biosense: 
Carp Vitellogenin ELISA Kit, Prod. No. V01003402, Bergen, Norway, 2006.  The 
plasma samples were thawed and diluted 1: 20 using dilution buffer as prepared in the 
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ELISA procedure. The sample VTG concentrations were then measured on the 
colorimetric plate reader (Molecular Devices Spectramax 190, Sunnyvale, CA) at 492 nm 
to measure absorbance. The standard curve that was prepared on the plate was used to 
calculate the regression line that was used to determine the VTG concentration in the 
original samples in ng VTG per ml plasma. The regression analysis of the standard curve 
indicated an R2 of 0.99, the intra-assay variation was less than 5.6%, and the inter-assay 
variation was less than 9.3%, providing evidence that the ELISA was a reliable indicator 
in predicting VTG concentrations in the samples.    
 
Statistical Analysis 
 Treatments and data were analyzed using analysis of variance (ANOVA) tables 
and Tukey’s test for significant differences. Two way ANOVA relationships were 
examined for sampling season, site, and treatment. One-way ANOVA relationships were 
analyzed based on season and treatment, and Tukey’s test was performed. Treatments 
were considered significantly different when the p-value was less than 0.05. All statistics 
were calculated using Prism 3.0 (Graphpad Prism version 3.02 for Windows, Graphpad 
Software, San Diego, CA, www.graphpad.com). Protein, UGT, VTG, and EDC 
concentrations and activities were determined from their standard curves by performing 
linear regressions with 95% confidence intervals. All data are reported as mean ± 
standard error of the mean.  
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Estrogenic Activity of Bile Conjugates 
 Bluegill collected during the spring sampling season showed significant 
differences in the estrogenic activity of their bile conjugates between several sampling 
sites. As can be seen in Figure 5, site R7 was found to have the same levels of estrogenic 
activity in bile conjugates as those samples from the reference sites R1 and LR. Sites R4 
and R6 (ng EDC/ mg protein: 1.17 ±0.08; 1.41 ± 0.1 respectively) were significantly 
higher than the reference sites (R1: 0.463 ± 0.06 ng EDC/mg protein; LR: 0.556 ± 0.04 
ng EDC/mg protein) but still significantly less than the R2 site (R2: 1.83 ± 0.16) The fish 
collected from the R3 site were found to have the highest levels of bile estrogenic activity 
(2.33 ± 0.16 ng EDC/mg protein) and significantly differed from all sites (p<0.05).  The 
estrogenic activity of bile conjugates from fish collected at the R3 site was 4 fold higher 
than for fish from reference sites.  
 Bluegills collected during the summer sampling season were found to have 
significantly higher levels of bile estrogenic activity compared to the spring samples. As 
can be seen in Figure 5 sites R2, R5, R6, R8, and R9 all show significantly higher levels 
of bile estrogenic activity relative to the reference sites R1 and LR. Following the trend 
that was observed from the spring samples, the R4 and R6 sites show significantly higher 
levels of bile estrogenic activity (R4: 2.47 ± 0.19 ng EDC/mg protein; R6: 2.22 ± 0.14 ng 
EDC/mg protein).  The R3 site samples again show the highest levels of bile estrogenic 
activity (3.48 ± 0.24 ng EDC/mg protein.) The estrogenic activity of bile conjugates of 
bluegill sampled at the R3 site was 4 fold higher than for fish from reference sites.  
 As can be seen in Figure 6, the data for bile estrogenic activity of the samples 
collected during the fall season followed the same general trend as the data collected for 
the summer season. Overall, the fall samples show significantly less estrogenic activity in 
their bile conjugates than those fish collected during the summer season. However, the 
R3 site samples still show the highest levels of bile estrogenic activity for samples 
collected during the fall season (R3: 2.87 ± 0.17 ng EDC/mg protein), which is 
significantly different than the fall season reference sites R1 and LR (0.582 ± 0.041 ng 
EDC/mg protein; 0.612 ± 0.047 ng EDC/ mg protein).  
 Besides variation among sampling sites, it was also determined that there was 
variation in bile estrogenic activity among sampling periods. As can be seen in Figure 4a, 
the summer season samples showed significantly higher levels of bile estrogenic activity 
for sites R4, R6, R3, and R5.  Of theses sites, R4, R6 and R5 also showed significant 
differences in estrogenic activity between the spring and fall seasons. Site R7 and 
reference sites R1 and LR showed no significant seasonal variation in bile estrogenic 
activity. This suggests that seasonal changes in bile estrogenic activity are not inherent 
but due to external factors or conditions such that the fish in the experimental sites appear 
to be exposed to fluctuating levels of EDCs.  
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Figure 5: Estrogenic activity of bile conjugates of Lepomis macrochirus collected in (A) 
spring, (B) summer, and (C) fall, from sites along the Reedy River watershed (R1-9), LR. 
Significant differences between sites during the same season were determined and are 



































































































































Figure 6: Sampling period variation in estrogenic activity of bile conjugates of Lepomis 
macrochirus collected from the Reedy River watershed at various sampling sites R1-7, 
LR (A-H.) Data are presented at mean ± SEM. 
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Hepatosomatic Index 
 Bluegill collected during the spring sampling season showed no significant 
differences in HSI between the various sampling sites, R1-9 (p >0.05; Figures 7 and 8).  
During the spring, the HSI data ranged from 11.02 ± 1.39 at the R1 reference site to 
13.95 ± 1.62 at R3, which is directly downstream of the first wastewater treatment 
facility.  For the summer season, HSI values increased slightly for most sites. HSI values 
for the fall and spring seasons were significantly less than for the summer season. The 
range of HSI values for the summer season included 11.38 ± 1.28 at the R1 reference site 
and 15.40 ± 0.95 at the R3 site. The R3 site at the Mauldin Road wastewater treatment 
facility was significantly higher than HSI of the R1 and LR reference sites (p<0.05) for 
the summer samples.  
 Although histological analyses of the liver tissue of the fish specimens were not 
performed, the presence of visible excess fat in the livers of fish from several of the sites 
was evident upon necropsy of the liver. Livers from many of the fish collected directly 
downstream of the first wastewater treatment facility in Mauldin appeared to have orange 
and yellow pouches of fatty tissue among the liver tissue, suggesting that these specimens 
may have been suffering from fatty liver disease. The HSI indices for the R3 site was 
found to be significantly elevated from the reference sites, suggesting that the fish 
exposed downstream of the wastewater effluent are experiencing some form of toxic 
impact that may be causing the development of fatty liver and an elevated HSI in these 
fish. 
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Figure 7: Hepatosomatic indices for Lepomis macrochirus collected in (A) spring, (B) 
summer, and (C) fall, from sites along the Reedy River watershed (R1-9), LR.  
Significant difference from the reference sites was determined (*; p<0.01, ANOVA.) 














































































Figure 8: Sampling period variation in HSI for Lepomis macrochirus collected from the 
Reedy River watershed at various sampling sites R1-7, LR (A-H.) Data are presented at 
mean ± SEM. 
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Plasma Vitellogenin Concentration 
 Bluegill collected during the spring sampling season showed elevated levels of 
plasma VTG and variation between sites. Following the same trend that was observed for 
bile estrogenic activity levels, the R3 site, as seen in Figure 9, showed the highest levels 
of plasma VTG across all sampling seasons. The spring R3 samples showed a four fold 
increase in plasma VTG levels compared to the R1 and LR reference sites. The R2 and 
R5 sites (0.171 ± 0.01 μg VTG/mg protein; 0.26 ± 0.02 μg VTG/mg protein respectively) 
were found to have significantly higher VTG concentrations than either reference site 
(R1: 0.042 ± 0.01 μg VTG/mg protein; LR: 0.091 ± 0.01 μg VTG/mg protein) (p<0.05).  
 The bluegill collected during the summer season showed elevated levels of 
plasma VTG, relative to the spring and fall sampling periods (Figure 10). However, the 
R3 site was the only site to show a significant difference in VTG among sampling 
periods; the summer season samples showed significantly higher plasma VTG level than 
either the spring or fall samples (p<0.05). The R3 samples from the summer season 
showed a six fold higher plasma VTG concentration than that found in the R1 and LR 
reference sites.  
 The bluegill collected during the fall season did not have as high of plasma VTG 
levels as those from the summer season, but the fall samples did show a trend of having 
higher VTG levels than the samples collected in the spring. However, the difference in 
plasma VTG for spring and fall samples was not found to be significant (p<0.05).  
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Figure 9: Plasma Vitellogenin concentration in Lepomis macrochirus collected during 
(A) spring, (B) summer, and (C) fall along the Reedy River watershed (R1-9), LR. 
Significant differences between sites during the same season were determined and are 




































































































Figure 10: Sampling period variation in plasma vitellogenin concentration in Lepomis 
macrochirus collected along the Reedy River watershed (R1-9), LR. Data presented as 
mean ± SEM. 
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UGT Activity 
Estrogen type-UGT activity for bluegill collected during spring, summer, and fall 
sampling seasons was found to have little variation either between sites or between 
sampling periods. However, as can be seen in Figure 11, the R3 site did show 
significantly elevated levels of estrogen type-UGT activity for all sampling seasons when 
compared to the reference sites. The general trend of the data follows that of the other 
endpoints measured for bile estrogenic activity and vitellogenin. Sites R2, R4, and R6 do 
show elevated levels of estrogen type-UGT induction compared to the reference sites, 
although these differences were not found to be significant (p<0.05).  It was also 
determined that the R7 site showed significantly lower levels of estrogen type-UGT 
activity than that of either reference site R1 or LR for all sampling seasons. 
56




















































































Figure 11: UGT activity in Lepomis macrochirus collected during (A) spring, (B) 
summer, and (C) fall along the Reedy River watershed (R1-9), LR. Significant 
differences between sites during the same season were determined and are indicated by 









































































































Figure 12: Sampling period variation in UGT activity in Lepomis macrochirus collected 
during (a) spring, (b) summer, and (c) fall along the Reedy River watershed (R1-9), LR. 
Data presented as mean ± SEM. 
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Pearson’s Correlations 
The data was analyzed for possible correlations between the endpoint variables 
that were examined in this study including HSI, bile estrogenic activity, plasma VTG 
levels, and estrogen type-UGT activity.  The statistical analysis of the cumulative data 
indicated that the distribution of the data for all sample variables was approximately 
normally distributed. This allowed for the calculation of Pearson correlation coefficients 
between endpoint variables. 
 Although correlations do not imply causation, they do indicate strong linear 
relationships between the selected endpoint variables in this study and may relate to 
underlying mechanisms for the interaction of the endpoint variables. There is a relatively 
high positive correlation between bile estrogenic activity and HSI, r = 0.74. Similarly, 
there is a positive correlation between plasma VTG concentration and HSI, r = 0.77. 
Estrogen type-UGT activity also appears to be positively correlated with HSI in the 
bluegill, r = 0.76. Bluegill bile estrogenic activity also appears positively correlated to 
plasma VTG levels (r = 0.72) and UGT activity (r = 0.69).  Plasma VTG levels also 
appear positively correlated with estrogen type-UGT activity, r = 0.
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Correlation of Bile Estrogenic Activity and Hepatosomatic 
Index


















































Figure 13: Pearson’s Correlations for bile estrogenic activity, hepatosomatic index, 
plasma VTG, and UGT activity. Data is cumulative for all seasons and averaged for each 
site R1-7. 
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Figure 14: Pearson’s correlation for plasma VTG and HSI. Data is cumulative for all 
seasons and averaged for each site R1-7. 





















Figure 15: Pearson’s correlation for plasma VTG and estrogen type-UGT activity. Data is 





Estrogenic Activity of Bile Conjugates 
 Over the last several decades there has been increasing interest and research in the 
analysis of the constituents of domestic wastewater effluents; initial reports of 
hermaphroditic fish downstream of wastewater plants in the United Kingdom eventually 
linked feminization in male fish to exposure and uptake of elevated concentrations of 
xenoestrogens such as ethinylestradiol (EE2) in domestic wastewater effluent (Harries et 
al. 1997; Harries et al. 1999.) Chemical analysis of wastewater effluents from sewage 
treatment facilities have identified several common chemicals with estrogenic activity, 
including estradiol (E2) and estrone (E1) (natural estrogens), EE2 (synthetic estrogen in 
many female contraceptives), bisphenol-A, and phthalates (Ahel et al. 1994a; 
Sonnenschein and Soto, 1998; Etienne et al. 2005.)  Of these types, it is believed that 
natural and synthetic steroidal estrogens could be causing the greatest estrogenic effects 
in fish inhabiting streams contaminated with wastewater effluents (Purdom et al. 1994; 
Soto et al. 1995; Desbrow et al. 1998) due to their potent estrogen receptor binding 
affinity. Concentrations of E2, E1, and EE2 lower than 1 part per trillion have been 
implicated in the induction of biological effects. In Purdom, et al. (1994) the authors 
showed that EE2 concentrations as low as 0.1 ppt induced synthesis of vitellogenin in 
male rainbow trout exposed to wastewater effluent. Other biological effects have been 
observed in male and juvenile fish exposed to xenoestrogens in wastewater effluent, 
including altered spermatogenesis and decreased testicular growth (Jobling et al. 1995; 
Jobling et al. 1996; Sumpter et al. 1996.) 
Humans are believed to be primary sources for natural and synthetic estrogens 
found in wastewater; women have been shown to excrete natural and synthetic hormones 
as inactive conjugates during menstruation (Rodgers-Gray et al. 2000; Juergens et al. 
2002.) Urinary excretion of oral birth control pill metabolites has also been shown to 
concentrate in domestic sewage (Kirby et al. 2004) Inactive conjugated estrogen 
metabolites may be biotransformed in the sewage treatment process and later eluted in 
their original parent or biologically active forms in wastewater effluent (Bodzek and 
Dudziak, 2005; Baronti et al. 2000.) 
Wastewater effluents have also been shown to be highly complex mixtures of 
chemicals whose composition is continually changing depending on effluent discharge 
rates, dilution by rain or flood events, land use changes and human disturbance, as well as 
the continual development of new chemicals for human use that will almost certainly be 
present in raw sewage (Etienne et al. 2005; Kuster et al. 2004.) Fish downstream of 
wastewater effluents are therefore presumably exposed to highly complex mixtures of 
chemicals with varying individual physical properties and different capacities to elicit 
endocrine disruption in fish.  Methods, such as the estrogen receptor competitive binding 
assay, have therefore been developed and do not require identification of individual 
chemical constituents yet are utilized to characterize the exposure of fish to 
xenoestrogens quantitatively.  
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Several studies have recognized that biliary excretion in fish is the primary route 
of elimination for many xenoestrogens, including E1, E2, EE2, and alkyl phenols (Gibson 
et al. 2005; Fromme et al. 2002; Ying et al. 2002.) Analysis of the estrogenic activity of 
bile metabolites can therefore be utilized as an indicator of metabolism, and thereby 
exposure, of fish to xenoestrogens from wastewater effluent.  This study showed that 
estrogenic activity of bile metabolites showed variations both seasonally and among sites 
along the watershed.  During the spring sampling period the bluegill collected from the 
R5 site downstream of the Lake Conestee dam and site R7 above Boyd Mill Pond 
showed low levels of bile metabolite estrogenicity; levels of estrogenicity were 
concurrent with reference sites (Figure 5.  Fish from sampling sites at Lake Conestee 
(R4) and downstream of the Greenwood wastewater facility (R6) had metabolite 
estrogenic activities that were significantly higher than for reference sites. The bluegill 
from the R3 site immediately downstream of the Greenville wastewater facility showed 
levels of bile estrogenic activity that were significantly higher than any other site during 
the season.  
During the summer sampling period bluegill bile metabolites generally showed 
higher levels of estrogenic activity than during either spring or fall sampling.  The same 
trend between sampling sites that was observed during the spring was also seen in 
summer samples with few notable exceptions; fish from the R5 site downstream of the 
Lake Conestee dam showed significantly higher estrogenic activity in bile metabolites 
than the fish collected during the spring, indicating contamination from the Lake 
Conestee site (R4), possibly from dam failure. Dam failure has been a regular occurrence 
since its construction in the early 19th century (FORR, 2006.) 
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Bluegill collected during the fall sampling period followed the same trend for bile 
metabolite estrogenic activity as fish collected during the summer season, although the 
estrogenic activity levels for fall samples was typically less than summer samples for 
each site. However, fall samples overall did show greater levels of estrogenic activity of 
bile metabolites than samples taken during the spring. Koerner et al. 2005 examined 
estrogenic activity of bile metabolites taken from brown trout in a Swedish riverine 
watershed, that were caged downstream of a domestic wastewater plant. The authors 
showed that estrogenicity of bile metabolites was highest for samples taken during the 
summer months when discharge was calculated to amount to ~70% of the flow of the 
riverine system being examined; these results agree with the trend seen in bluegill 
sampled in the Reedy watershed during this study. Results from a study by Legler et al. 
2002 showed that the estrogenicity of bile conjugates sampled from male bream (Abramis 
brama) at sites downstream of wastewater treatment facilities correlated significantly 
well with the estrogenicity of the water samples of collection sites; although water 
samples were not analyzed in this study, the results of Legler and others (Allard et 
al.2004; Vethaak et al. 2002) indicate that bile estrogenicity is a useful and sensitive 
internal measure of fish exposure to xenoestrogens. 
The significant elevation of estrogenic activity in bile metabolites from bluegill 
collected during the summer sampling period, as seen in Figure 5, is likely due to the 
increased amount of effluent discharge into the Reedy watershed during the 2006 summer 
season (Appendix 1.) USGS data for the months of May and June 2006 indicate that 
precipitation totals were well below normal. Therefore, it is conceivable that effluent 
discharge from wastewater constitutes a significantly higher proportion of the flow in the 
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Reedy watershed during this period, thus exposing fish to higher concentrations of EDCs; 
consequently uptake and metabolism of elevated levels of EDCs might also explain the 
increase in bile metabolite estrogenicity in bluegill during the summer season.  
Sampling the average chemical load in rivers can be difficult to assess because 
riverine ecosystems are highly variable. River flow rates are strongly affected by rainfall, 
breakdown of chemicals can depend on weather conditions such as UV radiation, 
temperature, and microbial activity (Eitienne et al. 2005.) Several studies have used bile 
metabolites in fish exposed downstream of wastewater plants to characterize the nature of 
the effluent that fish are exposed to (Gibson et al. 2005; Allard et al. 2004; George et al. 
2004; Eitienne et al. 2005); These studies have found that primary xenoestrogenic 
constituents in wastewater such as E1, EE2 are also measurable in dose-dependent 
fashion in bile metabolites in a variety of freshwater fish. The potential estrogenicity of 
bile metabolites has been assessed using a variety of in vitro assays, including ER 
binding, cell proliferation, and gene expression (McLachlan, 1993; Soto et al. 1995.) The 
advantages of in vitro assays to assess bile metabolites include low cost, reproducibility, 
and the ability to analyze large numbers of samples.  
However, not all chemicals accumulate equally well in fish and internal 
concentrations and metabolites do not necessarily reflect the chemical exposure of the 
organism in a dose-dependent fashion (Balmer et al. 2005.) Depending on their 
physiochemical properties, lipophilic EDCs such as DDT and PCBs may be stored in 
adipose tissue and may not be eliminated immediately (Ahel et al. 1993.) It is therefore 
possible that some steroidal estrogenic EDCs are being bio-accumulated and therefore the 
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metabolites in bile may underestimate the exposure of bluegill to estrogenic EDCs in the 
Reedy watershed.  
It is also conceivable that if lipophilic EDCs are being stored in adipose tissue of 
bluegill, that lipid mobilization will subsequently liberate the stored lipophilic 
xenoestrogens which may then undergo metabolism and biliary elimination. As can be 
seen in Figure 5 it is during the summer sampling period that the highest levels of 
estrogenic bile metabolites were measured in juvenile bluegill. This may be related to 
increased metabolism of EDCs, like upregulated estrogen type-UGT activity. Still, 
nutrition and fasting has not been shown to affect glucuronidation pathways in fish 
(Clarke et al. 1991; Andersson et al 1985b) however UGT induction can be difficult to 
quantify due to high levels of basal activity.  Other metabolic enzymes, such as CYPs, 
have been shown to be much more sensitive to induction by xenobiotics than UGT 
enzymes (Castren and Oikari et al. 1987.) It has recently been reported by Vijayan et al. 
(2006), that char (Salvelinus alpinus) concentrated PCBs in adipose tissue during the 
summer and consequently showed induction of CYP1A1 and activity during the winter, 
when food was scarce and lipid stores of PCBs were mobilized.   
Since the use of estrogenicity of bile metabolite in fish as a biomarker of exposure 
to xenoestrogens depends on their uptake and subsequent metabolism of xenoestrogenic 
compounds, factors influencing xenobiotic metabolic pathways and enzyme systems may 
also affect the levels of metabolite conjugates in bile. Therefore, in order to assess the 
presence and potential adverse effects of xenoestrogens in the Reedy watershed, it was 
also prudent to characterize the metabolic systems of bluegill that are involved in 
conjugation and elimination of xenoestrogens.  
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HSI 
 Gross indices of an organism’s condition that can be affected by xenobiotic 
exposure include morphological parameters and organosomatic indices of organ weight 
to total body weight. Liver somatic index, often called HSI is the measure of liver weight 
to total body weight of an organism.  HSI is a common morphological trait to examine in 
fish exposed to environmental pollutants, as a general indicator of fish health. In his 1983 
review, Sloof, et al. summarized numerous studies that showed that there was a causal 
relationship between liver enlargement and exposure to chemical pollutants in a variety 
of fish species.  An increase in HSI has been shown to be due both to hyperplasia and 
hypertrophy of hepatocytes of exposed fish, depending on the age, sex, and nutritional 
status of the fish (Poels et al. 1980.) It has also been demonstrated that HSI can vary 
significantly between fish species, depending on life stage of the fish, disease state, and 
environmental variables that affect stress, including nutrition availability and quality 
(Mayer et al. 1992.) Therefore, although the HSI can rapidly and inexpensively provide 
information on potential pollution impacts and the general condition of the fish, it is not 
specific or sensitive to pollutant class or acute insults.  
 In addition to providing information about the potential exposure of fish to 
chemical pollutants, HSI can provide information about the energy status and health of 
the individual organisms. An increase in HSI may also be associated with fatty liver 
conditions in fish, a condition also referred to as steatosis, in which the hepatic lipid 
content increases and the liver becomes enlarged to an extent that it interferes with the 
normal function of other internal organs. However, an increase in HSI does not indicate a 
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specific disease state since elevated HSI is often due to chronic exposure from a variety 
of chemicals and compounds (Sepulveda et al. 2002b.) 
 In this study HSI did not differ significantly between most of the sites during any 
of the sampling seasons, as can be seen in Figure 8. However, during the summer season 
the HSI of fish collected at the R3 site directly downstream of the Greenville wastewater 
facility were significantly higher than for fish collected from the R1 and LR reference 
sites (see Figure 7.) The R3 site fish consistently showed the highest HSI of all sites 
during every collection season and concurs with previous studies in which bream exposed 
to fluctuating concentrations of domestic wastewater effluent have elevated HSI (Rope, 
1995; Porter and Janz, 2003.) 
 As can be seen in Figure 8, the general trend for the HSI of bluegill collected 
over all seasons shows a pattern of increasing HSI as the sites continue southward along 
the Reedy River from the R1 and LR reference sites, peaking with the fish collected from 
the R3 site, and the measured HSI gradually decreasing with downstream sites; this 
suggests that the constituents of the Greenville wastewater facility effluent concentrated 
in the site directly below the plant are putting some form of stress on the bluegill in that 
location which is causing them to have elevated HSI. HSI from fish collected at the R6 
site, the smaller Greenwood wastewater facility, also showed slight elevations in their 
HSI compared to reference sites, although the differences were not found to be 
statistically significant. No significant seasonal differences in HSI from bluegill within 
any of the sites were observed, although there was a definite seasonal trend in that the 
HSI for fish from most sites was lowest in the spring and highest in the summer season. 
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Previous studies have indicated that HSI does vary with season, possibly due to changes 
in nutritional status as food tends to be readily available (Sepulveda et al. 2002b.)  
 Although several laboratory studies have reported a significant increase in HSI in 
fish exposed to PAHs, PCBs, EE2, and alkyl phenols, the use of HSI as a biomarker of 
pollutant exposure and/or effect in the field must account for factors such as life stage, 
nutritional status, and disease in the fish (Orlando et al. 1999; Larsson et al. 1988; 
Huuskonen and Lindstroem-Seppa, 1995.)  Hepatotoxin induced steatosis is well 
documented in both mammals and fish for acute exposure conditions (Farrell et al. 1994; 
Orlando et al. 1999.) Laboratory studies have shown that in some cases high doses are 
required to induce steatosis in fish. Cleland, et al. (1988) found that rainbow trout 
(Oncorhynchus mykiss ) required daily doses of >300 mg of PCBs over the course of a 
year to induce significant increases in liver size and that upon discontinuation of the 
treatment with PCBs, the observed increase in HSI and steatosis was reversible. HSI has 
not been shown to be sensitive to detect acute exposures of organisms.   
However, even an elevated HSI, indicating a diseased state, and exposure to 
chemical pollutants does not necessarily result in the death of hepatocytes (Farrell et al, 
1994.) Rather, increases in liver weight may be the result of proliferation of the smooth 
ER of hepatocytes as a result of up regulated synthesis of CYP1A related proteins upon 
exposure to xenobiotics such as planar PAHs and other Ah receptor agonists (Laarson et 
al. 1988). Exposure to EDCs such as 17β-estradiol and 4-nonylphenols have also been 
linked to elevated HSI (Nimrod and Benson, 1996; Porter and Janz, 2003.) the authors 
suggest that the stimulation and production of hepatic detoxifying enzymes and VTG in 
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the livers of fish from contaminated sites may be responsible for the increase in HSI of 
bluegill chronically exposed to alkyl phenolic EDCs.  
 Laboratory studies have also shown that elevated HSI in fish can be correlated to 
increases in plasma vitellogenin concentration (Carragher and Sumpter, 1991.) A similar 
relationship between HSI and plasma VTG was also seen in this study (r =0.77; p<0.05.)  
Porter and Janz (2003) reported that longear sunfish (Lepomis megalotis) exposed to 
domestic wastewater effluent experienced an induction in plasma VTG which 
corresponded to elevated HSI. It was surmised that xenobiotic activity of hepatocytes in 
response to uptake of EDCs in the wastewater, caused hypertrophy of the hepatocytes 
which resulted in elevated HSI in exposed fish. However, when considering the cause-
effect relationship of toxins and elevated HSI, other factors such as life stage and species 
variations have also been known to affect basal liver size and lipid accumulation 
(steatosis) in hepatocytes (Klaassen, 2001) thereby complicating analysis of HSI and its 
use as a biomarker for exposure to EDCs.   
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Estrogen type-UGT activity 
Glucuronidation has been shown to be a major pathway of conjugation and 
inactivation of lipophilic compounds to polar, water soluble forms in the process of the 
elimination of endogenous and exogenous compounds (George, 1994; Clarke et al. 2001; 
Dutton, 1980.) The two UGT families, UGT1 and UGT2, have overlapping substrate 
specificity which allows for the conjugation of a wide variety of xenobiotic and 
endogenous compounds (Senafi et al. 1994.) It has been elucidated that glucuronidation is 
a major route for metabolism of endogenous steroid hormones and that UGTs metabolize 
as well a variety of xenobiotics, including xenoestrogenic EDCs. Lavado et al. 2003 
determined the in vitro effects of several compounds on the activity of bilirubin UGT 
activity by incubating carp (Cyprinus carpio) liver microsomes with and without atrazine, 
DDE, 4-nonylphenol, nonylphenols, and phthalate. The authors found that phenol-UGT 
activity was induced by atrazine, β-naphthoflavone (BNF), DDE, and 4-nonylphenol, but 
that UGT activity was inhibited by nonylphenol and BNF. Of these chemicals examined, 
atrazine, DDE, and 4-nonylphenol have been identified to have estrogenic effects in fish, 
such as increased levels of plasma VTG (Sturm et al. 2001; Donohoe and Curtis, 1996.) 
Glucuronidated biliary metabolites of xenoestrogens such as E1, E2, and EE2 have been 
identified in several fish species (Clarke et al. 2001; Yokota et al. 1999.) UGT activity 
has been reported as a viable biomarker to examine several toxicological endpoints, 
including endocrine disruption (van der Oost, et al. 2003.)  
As seen in Figures 11 and 12, bluegill collected in the Reedy watershed 
demonstrated little significant variation in UGT activity, either among sites or between 
sampling seasons. Only the fish collected from the R3 site immediately downstream of 
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the Greenville wastewater treatment facility had hepatic UGT activities that were 
significantly higher than for fish from the R1 and LR reference sites. It is notable that the 
fish from the R3 site also had the greatest plasma VTG concentrations and bile estrogenic 
activity across all sampling seasons, suggesting the source(s) of xenoestrogens is fairly 
conserved at the R3 site throughout the year; this would suggest that the source of 
xenoestrogens could potentially be the Greenville wastewater effluent, rather than runoff 
or non-point sources at the R3 site.  
Conversely, bluegill collected at the R7 site approximately 2 miles downstream of 
the Greenwood wastewater facility showed significantly less estrogen type-UGT activity 
relative to the fish from reference sites during all sampling periods. Fish from the R7 site 
also had levels of bile estrogenic activity statistically comparable to the fish from 
reference sites, and showed statistically insignificant increases in plasma VTG levels 
(Figure 11.)  It is possible that fish from the R7 site were exposed to biliary UGT 
inhibiting compounds that caused a reduction in the UGT activity and subsequent 
elimination of xenoestrogens in fish from the R7 site, as evidenced by the statistically 
significant drop in UGT activity relative to reference sites.  
Several compounds are known to act as UGT inhibitors, including heavy metals. 
Foerlin et al. (1986) showed that rainbow trout (Salmo gairneri) injected with low 
concentrations of cadmium showed inhibition of UGT activity of hepatocytes. Along the 
Reedy watershed, it is possible that heavy metal contaminants known to be present in 
Lake Conestee (Schreiber, 2005; Otter, 2006) could be carried downstream towards the 
R7 site during dam failures or flooding events. Consequently, other metals such as nickel 
and arsenic were detected in largemouth bass collected from Lake Greenwood, 
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downstream of the R7 site (Schreiber, 2005; Otter, 2006.)  Trace heavy metal presence at 
the R7 site could be responsible for inhibiting estrogen type-UGT activity in bluegill 
from the R7 site provided that said metals were bioavailable to fish.   
A variety of organic chemicals have also been shown to be estrogen type-UGT 
inhibitors in fish. Andersson et al. (1985) demonstrated that β-naphthoflavone (BNF) 
inhibited UGT activity in rainbow trout hepatocytes. Arukwe et al. (1997) reported that 
nonylphenols inhibited estrogen type-UGT activity in livers of Atlantic salmon (Salmo 
salar.) Nonylphenol diethoxylate has also been shown to inhibit phenol-UGT activity in 
rainbow trout (Behrens et al. 2001.) Ethoxylates are commonly used in detergents, paints, 
plastics, and nonylphenols are typically formed by their decomposition (Baird and Cann, 
2005.) Therefore, non-point sources of phenol-UGT inhibiting chemicals may exist and 
affect bluegill at the R7 site. Future investigations are necessary to more closely examine 
the land use of the area along the Reedy watershed which may be contributing 
contamination or influencing endocrine disruption of fish along the Reedy watershed.  
 Although UGT activity is a commonly used biomarker for examination of 
endocrine disruption and xenobiotic metabolism in fish and mammalian studies, the use 
of phase II enzymes such as UGT is hampered by several conditions. UGT activity has 
been shown to vary across species, gender, pH, and temperature (Stegeman, et al. 1992.) 
Andersson et al. (1985b) reported that hepatocytes from rainbow trout may regulate 
biotransformation enzymes such as UGT differently than other species of fish. Similarly, 
Gadagbui and Goksoyr (1996) demonstrated that two fish species, tilapia (Oreochromis 
niloticus) and mudfish (Clarias anguilaris,) injected with BNF showed significantly 
different levels of CYP1A1 and phenol-UGT induction. The authors suggested that the 
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two species of fish may have different sensitivities to EDCs depending on expression and 
activity of various isoforms of the xenobiotic metabolizing enzymes. Variation in 
xenobiotic metabolic enzymes such as UGT between species complicates comparison of 
results from ranges of studies utilizing multiple species of fish; it is therefore imprudent 
to assume that observed responses of fish to estrogenic EDCs will be universal to a 
variety of fish.  
 Comparison of UGT activities across species of fish can also be difficult due to 
differences inherent to the assays used in analysis of UGT activity. As previously 
described, the UGTs are found in the endoplasmic reticulum membrane where they are 
bound. The UDPGA co-factor that is required for glucuronidation is produced and stored 
in the cytosol and is transported across the endoplasmic reticular membrane before it can 
interact with UGT in glucuronidation. Processes or chemicals that interfere with the 
integrity of the membrane may alter UGT activity. UGT activity can be inhibited by 
xenobiotics that interfere with the transport of UDPGA across the membrane into the 
lumen of the endoplasmic reticulum, or by reducing the availability of cellular UDPGA 
in the cytosol (Dutton, 1980.) Detergent concentrations used in assays to analyze UGT 
activity are not standardized, and thus assays may reflect variation in the membrane 
integrity and UDPGA accessibility for the individual assay technique, rather than 
reflecting the glucuronidation due to xenobiotic induction.  
 Another confounding factor in the analysis of UGT activity as a biomarker of 
xenobiotic exposure is that many species of fish have been shown to have high basal 
levels of UGT enzymes which are less inducible than phase I enzymes such as CYP1A 
(Andersson et al. 1985b; George, 1994.) Palace, et al. (1998) demonstrated that adult lake 
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trout (Salvelinus namaycush) showed highly induced levels of CYP1A1 activity in 
response to oxidative stress while showing low levels of phenol-UGT induction. The 
estrogen type-UGT activities for the bluegill from the Reedy watershed showed few 
significant differences in estrogen type-UGT activity between sites and across seasons 
although other biomarker parameters clearly indicated seasonal and site differences 
(Figures 5, 6, 9, 10.) These results indicate that bile estrogenic activity and VTG 
production are more sensitive than estrogen type-UGT activity for use as biomarkers of 
















Biomarkers that detect alterations at biochemical and molecular levels have 
frequently been used for in vivo EDC-screening assays (Stegeman et al. 1992.) The use of 
vitellogenin as a bioindicator of potential exposure and effects of xenoestrogens in fish 
and other oviparous vertebrates is well documented (Folmar et al. 1995; Copeland and 
Thomas, 1988.) Numerous field and laboratory studies have reported the induction of 
VTG production in male and juvenile fish exposed to xenoestrogenic compounds, 
including E1 and EE2 (Seifert et al. 2003; Allard et a. 2004; Legler et al. 2002) as a result 
of these compounds being common constituents of domestic wastewater effluent.   
Harries et al. (1997) reported that male rainbow trout (Oncorhynchus mykiss ) 
caged downstream of a domestic wastewater treatment facility showed significantly 
induced levels of plasma VTG compared to reference sites. Various studies have reported 
that for male and juvenile fish, plasma VTG concentrations above 1000 ng/mL may be 
abnormal an indicative of xenoestrogenic effects (Allen et al.1999; Harries et al. 1997, 
1999; Tyler et al.1996.)  
Bluegill collected along the Reedy watershed downstream of the Greenville city 
wastewater facility also showed increased levels of plasma VTG in juvenile fish collected 
during various sampling seasons. As seen in Figure 9, the fish collected from the R3 site 
directly downstream of the Greenville wastewater facility showed the highest levels of 
VTG induction across all seasons for any site. During all sampling seasons fish from the 
R4 site at Lake Conestee and the R6 site downstream of the Greenwood wastewater 
treatment facility also showed plasma VTG levels that were significantly higher than for 
the fish collected at reference sites above the wastewater facilities (Figure 10.) 
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It is notable that the juvenile fish collected from the R3, R4, and R6 sampling
sites which were found to have significantly elevated levels of plasma VTG also showed
significantly higher concentrations of estrogenically active bile metabolites (Figure 5.) It
is therefore plausible that the fish collected in downstream sites of the wastewater
facilities showed significantly elevated levels of plasma VTG because these fish are
being chronically exposed to xenoestrogenic compounds in the wastewater effluent which
are bioavailable and are capable of inducing vitellogenesis in the male fish in these sites.
The relationship between exposure (estrogenic activity of bile) and estrogen-induced
effect (plasma VTG) for cumulative data on all seasons was found to be statistically
significant (r =0.72; p<0.05); this correlation between estrogenicity of bile metabolites
and VTG induction has previously been established. Allard et al. (2004) found that
estrogenicity of bile from juvenile rainbow trout (Oncorhynchus mykiss) collected
downstream of sewage treatment facilities was significantly correlated with plasma VTG
in sampled fish (r =0.81) and similar results had been reported by Legler, et al.(2002)
and Allen et al. (1999.)
In bluegill collected from the Reedy watershed it was found that there were
seasonal differences in the plasma VTG levels of juvenile fish downstream of the
wastewater effluent. The plasma VTG levels in juvenile fish collected during the summer
sampling period were higher than for those fish collected during the spring and fall
periods (Figure 10.) Coincidentally the fish collected during the summer sampling
season also showed the highest levels of estrogenic activity of bile metabolites,
suggesting that during the summer period the fish downstream of the Greenville
wastewater plant were exposed to higher concentrations of xenoestrogens than during the
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rest of the year. One possible explanation is that during the dry summer months the
effluent from wastewater facilities accounts for a higher percentage of the flow in the
Reedy River thus amplifying the concentration of xenoestrogens that downstream fish are
potentially exposed to. Chemical stress in watersheds can be affected by conditions that
alter the continuum of the watershed. Changes in water volume of a watershed may
therefore affect the dilution of chemical constituents from their point of input along the
entirety of the watershed (Vannote et al. 1980.)
The observed site and sampling period variations in levels of plasma VTG
induction in juvenile fish in the Reedy watershed may also have been related to
fluctuations in the concentration and bioavailability of PAHs in the sediment of the
watershed. Several field and laboratory studies have shown that fish exposed to PAHs
experience a reduction in plasma VTG and inhibition of other estrogenic effects (Thomas
and Smith, 1993; Singh, 1989; Rocha-Moneiro, 2000.) Planar PAHs are known CYP1A1
inducers and several studies have shown that the extent of VTG inhibition is directly
related to the concentration of PAHs and subsequent degree of CYP1A1 induction
(Flouriot et al. 1995; Anderson et al. 1996; Danzo, 1997.) It has been suggested that
PAHs capable of inducing CYP1A1 act as anti-estrogens via the Ah receptor involved in
CYP1A1 expression and that the activated Ah receptor-complex is capable of modulating
the estrogen receptor (Matthews and Gustafsson, 2006; Beischlag and Perdew, 2005;
Safe et al.2003.) Conversely, it is also well documented that during spawning
reproductively active female fish with high levels of plasma estradiol experience an
inhibition in EROD activity, which is a measure of CYP1A1 activity (Stegeman and
Hahn, 1994; van der Oost et al. 2003.) The exact mechanism of cross-talk between the Ah
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and estrogen receptor is not well understood and several regulatory mechanisms have
been proposed (Safe et al. 2003; Matthews and Gustafsson, 2006.) Thomas, et al. (1993)
reported that female Atlantic Croaker (Micropgonies undulates) exposed to
benzo[a]pyrene for 30 days showed an increase in EROD activity, decrease in plasma
levels of E2, a decrease in the number of hepatic estrogen receptors, and a subsequent
inhibition of plasma VTG levels.
Previous studies (Schreiber, 2005; Otter, 2006) have shown that planar PAHs are
present in the sediment along the Reedy watershed. These studies revealed that EROD
(CYP1A1 activity) in largemouth bass was directly associated with the bioavailability of
planar PAHs from sediment. Concentrations of planar PAHs were higher in the spring
and fall seasons with correspondingly higher EROD activity in male fish. Although
PAHs and EROD activity were not measured in this study, it is possible that PAHs
present in the watershed had anti-estrogenic effects on the bluegill. The extent anti-
estrogenic effects of PAHs present in watershed would depend on their concentration and
bioavailability to the fish.
It is feasible that PAH-contaminated sediments are re-suspended in runoff events
and dam failures. As can be seen from available hydrology data on the Reedy watershed
(Appendix 1), there were no significant runoff events or rainfall during the summer
sampling period, which may have resulted in very little re-suspension of PAHs from
sediments during the summer sampling season; Therefore, the significantly higher VTG
induction observed in bluegill collected during the summer may have been due to the lack
of bioavailable anti-estrogenic PAHs which remained bound to soil sediments. Plasma
VTG levels were generally much lower during the spring than for the summer and fall
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sampling seasons. It is possible that rain events and runoff during the spring sampling
period may have caused re-suspension of the PAHs from sediments, making the PAHs
bioavailable to bluegill and leading to inhibition of plasma VTG. The effects of
xenoestrogens in the Reedy watershed may therefore be difficult to elucidate without
consideration for the bioavailability of anti-estrogenic chemicals, season, and watershed
hydrology.
Xenoestrogens, including alkyl phenols such as 4-nonylphenols and EE2, have
been shown to induce vitellogenin production in juveniles, males and female fish and
other oviparous species through binding of the estrogen receptor (Christiansen et al.
1998; Lech et al. 1996; Christensen et al. 1999.) As previously discussed the xenobiotic-
receptor complex is capable of binding the specific ERE to induce transcription of genes
responsible for upregulation of the VTG protein. Based on the significantly induced
levels of plasma VTG in bluegill in the Reedy watershed at several sites (R3, R4, and R6)
relative to reference sites, it is likely that natural and xenoestrogenic chemicals are
present and bioavailable to fish. Although the results were not available for timely
inclusion in this thesis, ongoing investigations are examining the chemical constituents of
the Greenville wastewater treatment facility effluent for identification of specific
pharmaceuticals, naturally occurring hormones, as well as xenoestrogens. Chemical
analysis of the constituents of the wastewater effluent may then provide further insight
into the observed endocrine disrupting biological effects observed in fish from the Reedy
watershed.
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The overall goal of this study was to determine whether xenoestrogenic endocrine 
disrupting compounds were present in the Reedy River watershed and to characterize 
effects of xenoestrogen exposure in bluegill (Lepomis macrochirus.) Estrogenic activity 
of bile was used to indicate the bioavailability of xenoestrogens present in the watershed; 
other biomarkers including HSI, plasma VTG, and estrogen type-UGT activity were used 
to indicate the biological effects of exposure to xenoestrogenic compounds. Observed 
xenoestrogenic effects were highest during the summer sampling period for all 
biomarkers measured.  
 During all sampling seasons fish from the R3 sampling site downstream of the 
Greenville wastewater treatment facility showed significantly elevated levels of bile 
estrogenic activity as much as 4 fold higher compared to reference sites R1 and LR.  Fish 
collected upstream of the Greenville wastewater treatment facility also showed 
significantly higher levels of bile estrogenic activity relative to reference sites. These 
results suggest that bluegills in the Reedy watershed are being exposed to xenoestrogenic 
compounds from both organic pollutants in urban runoff and wastewater effluent and 
those estrogenic-EDCs are bioavailable.  
 HSI was measured as a general condition biomarker to indicate exposure to 
environmental stressors. HSI is affected by a variety of environmental conditions and 
chemicals, and cannot be used to indicate specific effects of xenoestrogen exposure. HSI 
of bluegill collected downstream of the Greenville wastewater facility (R3) was 
significantly higher during the summer season, which may be indicative of energetic 
stress of the fish at this site. No differences in HSI were apparent between collection sites 
during spring and fall, indicating that HSI is not a sensitive indicator of fluctuations in 
environmental stressors. Still, HSI was found to correlate well (r =0.74) with bile 
estrogenic activity, suggesting a link between xenoestrogenic exposure and elevated HSI. 
 Plasma VTG levels were an average of 4 fold higher at the R3 site downstream of 
the Greenville wastewater treatment facility signifying that wastewater effluent is a 
potential source of xenoestrogenic compounds in the watershed. Plasma VTG levels 
decreased with increased distance downriver from the R3 site. VTG levels at Lake 
Conestee (R4), Boyd Mill Pond (R8), and Lake Greenwood (R9) were significantly 
higher than reference sites during summer and fall sampling periods indicating that fish 
in the lower Reedy are exposed to xenoestrogenic compounds. The agricultural land use 
and the Lower Reedy wastewater treatment facility may be sources of EDCs that fish in 
the lower Reedy are subsequently exposed to. In this study plasma VTG levels were 
positively correlated to bile estrogenic activity (r =0.72), linking the exposure of juvenile 
fish to xenoestrogenic compounds with elevated levels of VTG.  
 Estrogen type-UGT activity followed the same trend observed for bile estrogenic 
activity and vitellogenin endpoints. Bluegill collected from the R3 site downstream of the 
wastewater plant had significantly elevated levels of estrogen type-UGT activity. UGT 
activity was found to be less sensitive to EDC exposure than either bile estrogenic 
activity or VTG; with the exception of R3 and R7 no statistically significant differences 
83
in UGT activity were observed between sampling sites. The lack of significant 
differences between sites may be because UGT is known to have high basal levels and 
phase II enzymes are generally considered to be less inducible in response to contaminant 
exposure than phase I enzymes. Estrogen type-UGT activity was found to be positively 
correlated with bile estrogenic activity (r =0.69) and plasma VTG levels (r =0.8) 
suggesting that although not as sensitive, estrogen type-UGT activity is related to 
xenoestrogen EDC exposure and other biological effects such as VTG induction. 
 Differences between sampling seasons for the measured endpoints were 
significant for VTG levels and bile estrogenic activity. VTG levels were significantly 
higher in fish collected during the summer period. Coincidentally the fish collected 
during the summer also showed the highest levels of estrogenic activity of bile 
metabolites, suggesting that during the summer the fish downstream of the Greenville 
wastewater plant are exposed to higher concentrations of xenoestrogens than during the 
rest of the year.  
Several factors could be contributing to observed difference in biological effects 
of EDCs during the sampling periods. It is possible that increased effluent discharge 
during the summer period coupled with limited rainfall subsequently results in effluent 
accounting for greater loads in the watershed during the summer period. Fish would then 
consequently be exposed to higher concentrations of xenoestrogenic EDCS during the 
summer period resulting in elevated induction of biological effects such as bile estrogenic 
activity and VTG production in juvenile fish.  The observed elevations in bile estrogenic 
activity, estrogen type-UGT activity, and plasma VTG levels in juvenile bluegill during 
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the summer may be due to an increase in metabolism of stored EDCs rather than a 
fluctuation in environmental exposure.  
The bioavailability of planar PAH compounds may also have affected the 
observed variations in xenoestrogenic effects among sampling periods. During a dry 
summer with no dam breaks or runoff events there was little to stimulate re-suspension of 
planar PAHs from contaminated sediment. Previous studies have speculated that re-
suspension of contaminated sediment during storm events and dam breaks may increase 
the bioavailability of PAH compounds in the Reedy watershed.  Since planar PAHs are 
believed to be anti-estrogenic it is possible that the increased bioavailability of PAHs 
may reduce the xenoestrogenic effects of EDCs also present in the watershed. Given that 
most storm events and rainfall occur in the spring and fall it is possible that PAHs are 
more bioavailable during these seasons and that xenoestrogenic effects such as bile 
estrogenic activity and VTG induction are inhibited. Xenoestrogenic effects of EDCs in 
the watershed could therefore be masked by the presence of bioavailable planar PAH 
compounds. 
Although the biomarker approach utilized in this study did not allow for the 
identification of individual causative agents, it did provide information on the cumulative 
biological effects resulting from exposure to complex mixtures of contaminants in the 
Reedy watershed.  Xenoestrogenic EDCs were shown to be present in the watershed and 
bioavailable to fish. Several potential sources of xenoestrogenic EDC contamination 
including urban runoff from the city of Greenville, wastewater effluent, and agricultural 
runoff have been identified. 
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In order to further elucidate the risk posed to wildlife by xenoestrogenic EDCs in 
the Reedy watershed it will be necessary to perform chemical analysis of the wastewater 
effluent and sediment to identify the nature of xenoestrogenic EDCs present. Further 
analysis of the sources of EDCs into the Reedy would also provide insight into how 
urbanization can affect runoff into the watershed and what measures can be taken to 
reduce EDC contamination of the Reedy River.  Further analysis of the sites downstream 
of the Greenville wastewater facility may also provide information on the sedimentation 
of EDCs and their transport downstream. Future investigations may utilize additional 
sentinel species in order to better characterize the bioavailability and sensitivity of 








Table 1-A: Physical Characteristics & Cumulative Data 
2006 Sample Gender Length Weight Bile EDCs HSI VTG UGT 
Season Code  (cm) (g) ng/mg  μg/mg nmole/mg/min
         
Spring LR-1 juvenile 5.41 11.31 0.48 9.55 0.086 16.42 
Spring LR-2 juvenile 6.91 11.78 0.55 11.32 0.079 16.77 
Spring LR-4 juvenile 7.49 10.23 0.41 12.03 0.103 14.63 
Spring LR-5 juvenile 6.78 10.54 0.59 13.14 0.061 16.78 
Spring LR-6 juvenile 6.50 12.24 0.48 12.78 0.099 15.04 
Spring LR-7 juvenile 6.17 11.05 0.58 11.92 0.088 16.73 
Spring LR-8 juvenile 5.28 10.29 0.50 10.07 0.083 15.02 
Spring LR-9 juvenile 6.10 11.45 0.52 10.71 0.100 17.22 
Spring LR-10 juvenile 5.56 12.09 0.47 11.63 0.091 16.45 
Spring LR-11 juvenile 7.49 11.17 0.53 13.45 0.092 17.84 
Spring LR-12 juvenile 5.18 10.98 0.51 10.92 0.089 15.91 
Spring LR-13 juvenile 5.99 11.33 0.56 11.77 0.086 16.99 
Spring LR-14 juvenile 6.48 10.79 0.50 10.55 0.098 17.95 
Spring LR-15 juvenile 6.05 11.03 0.54 10.08 0.089 16.84 
Spring LR-16 juvenile 5.51 11.15 0.53 11.02 0.073 14.39 
Spring LR-17 juvenile 6.12 12.32 0.56 9.88 0.111 15.02 
Spring LR-18 juvenile 5.64 11.00 0.57 8.92 0.094 13.87 
Spring LR-19 juvenile 5.23 10.37 0.59 8.34 0.088 16.48 
Spring LR-20 juvenile 7.14 10.94 0.58 11.43 0.116 18.02 
Spring R1-1 juvenile 5.86 10.76 0.47 8.68 0.041 13.40 
Spring R1-2 juvenile 5.11 12.02 0.42 11.49 0.040 14.84 
Spring R1-3 juvenile 6.55 10.83 0.43 11.32 0.043 15.80 
Spring R1-5 juvenile 5.61 10.51 0.43 10.07 0.043 14.85 
Spring R1-6 juvenile 5.56 11.20 0.43 11.41 0.044 15.10 
Spring R1-7 juvenile 4.98 10.96 0.41 7.39 0.045 14.09 
Spring R1-8 juvenile 5.84 10.33 0.56 10.34 0.044 13.34 
Spring R1-9 juvenile 5.51 10.67 0.50 12.1 0.043 13.81 
Spring R-10 juvenile 5.31 11.27 0.44 11.13 0.040 14.80 
Spring R1-11 juvenile 5.44 11.48 0.56 11.1 0.042 15.69 
Spring R1-12 juvenile 5.56 12.51 0.47 9.54 0.039 16.02 
Spring R1-13 juvenile 5.16 10.92 0.43 12.38 0.043 13.90 
Spring R1-14 juvenile 5.56 11.76 0.45 11.44 0.041 15.00 
Spring R1-15 juvenile 5.72 11.38 0.43 10.99 0.042 15.36 
Spring R1-16 juvenile 5.87 10.72 0.55 11.67 0.043 15.99 
Spring R1-17 juvenile 6.27 12.37 0.45 12.53 0.041 16.31 
Spring R1-18 juvenile 5.18 10.34 0.50 10.28 0.043 14.97 
Spring R1-19 juvenile 6.07 11.85 0.47 12.03 0.039 13.90 
Spring R1-20 juvenile 6.12 11.17 0.45 13.6 0.042 15.43 
Spring R2-1 juvenile 6.05 11.08 1.22 11.01 0.168 17.53 
Spring R2-2 juvenile 5.51 10.10 0.88 8.67 0.157 16.92 
Spring R2-3 juvenile 6.12 11.12 1.58 14.23 0.174 15.99 
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Spring R2-4 juvenile 5.64 10.34 1.24 11.95 0.152 16.84 
Spring R2-5 juvenile 5.23 10.43 1.32 12.66 0.166 18.08 
Spring R2-6 juvenile 7.87 14.43 1.65 11.43 0.193 15.85 
Spring R2-7 juvenile 5.84 10.71 1.16 10.82 0.197 17.77 
Spring R2-8 juvenile 5.59 10.24 1.23 11.97 0.155 16.04 
Spring R2-9 juvenile 5.59 10.24 1.18 11.5 0.173 17.33 
Spring R2-10 juvenile 5.36 9.82 5.47 13,93 0.164 19.04 
Spring R2-11 juvenile 6.38 11.69 0.97 8.34 0.177 15.69 
Spring R2-12 juvenile 5.23 11.02 1.65 14.96 0.180 15.11 
Spring R3-1 juvenile 5.89 10.87 1.55 14.29 0.801 27.87 
Spring R3-2 juvenile 8.64 15.93 2.19 13.76 0.762 26.39 
Spring R3-3 juvenile 5.08 11.27 1.56 13.85 0.787 29.49 
Spring R3-4 juvenile 5.59 10.31 1.58 15.32 0.785 26.51 
Spring R3-5 juvenile 4.78 8.81 1.09 12.39 0.905 28.19 
Spring R3-6 juvenile 4.83 9.73 1.16 11.94 0.767 27.01 
Spring R3-8 juvenile 6.20 11.43 1.69 14.77 0.780 29.95 
Spring R3-9 juvenile 6.05 11.15 1.55 13.9 0.789 26.22 
Spring R3-10 juvenile 7.37 13.59 1.81 13.35 0.769 30.04 
Spring R3-11 juvenile 5.16 10.39 1.62 15.62 0.782 24.38 
Spring R3-12 juvenile 5.08 9.94 1.60 16.09 0.789 28.17 
Spring R3-13 juvenile 6.10 11.25 1.26 11.21 0.699 27.90 
Spring R3-14 juvenile 4.83 9.67 1.35 14.01 0.787 29.98 
Spring R3-15 juvenile 4.57 8.64 0.93 10.75 0.793 28.28 
Spring R3-16 juvenile 5.33 11.11 1.51 13.55 0.784 31.02 
Spring R3-17 juvenile 5.89 10.87 1.54 14.12 0.787 26.65 
Spring R3-18 juvenile 5.59 10.31 1.33 12.89 0.785 28.17 
Spring R3-19 juvenile 7.29 12.38 2.04 16.47 0.799 27.39 
Spring R3-20 juvenile 6.32 11.67 1.90 16.29 0.777 28.04 
Spring R4-1 juvenile 6.58 11.99 1.27 10.58 0.395 17.29 
Spring R4-2 juvenile 5.23 9.83 1.10 11.14 0.401 18.44 
Spring R4-3 juvenile 5.08 9.98 1.10 11.03 0.402 17.49 
Spring R4-4 juvenile 5.94 10.83 1.34 12.38 0.402 18.01 
Spring R4-5 juvenile 7.72 13.11 1.70 12.95 0.378 16.97 
Spring R4-6 juvenile 5.56 10.18 1.15 11.27 0.399 15.93 
Spring R4-7 juvenile 5.51 10.03 1.35 13.49 0.363 18.11 
Spring R4-9 juvenile 6.83 12.45 1.24 9.97 0.391 19.89 
Spring R4-10 juvenile 6.12 11.15 1.23 11.01 0.390 18.74 
Spring R4-12 juvenile 7.49 12.35 1.37 11.09 0.432 18.59 
Spring R4-13 juvenile 5.31 9.67 1.17 12.05 0.349 19.04 
Spring R4-14 juvenile 5.49 10.27 0.98 9.53 0.403 18.00 
Spring R4-15 juvenile 5.18 10.42 1.04 10.02 0.391 16.96 
Spring R4-16 juvenile 5.28 9.63 0.90 9.39 0.404 19.22 
Spring R4-17 juvenile 6.38 11.62 1.32 11.33 0.377 17.34 
Spring R5-1 juvenile 6.78 11.41 1.38 12.05 0.251 15.23 
Spring R5-2 juvenile 5.49 9.87 1.10 11.1 0.254 17.18 
Spring R5-3 juvenile 6.17 10.39 1.17 11.23 0.256 15.84 
Spring R5-4 juvenile 7.32 12.31 1.41 11.45 0.253 15.01 
Spring R5-5 juvenile 6.10 10.26 1.24 12.09 0.286 14.73 
Spring R5-6 juvenile 5.56 10.35 1.14 10.98 0.293 14.20 
Spring R5-7 juvenile 7.49 12.61 1.52 12.06 0.264 13.91 
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Spring R5-8 juvenile 5.44 9.15 1.04 11.32 0.282 13.14 
Spring R5-9 juvenile 5.99 10.09 1.11 11.04 0.279 16.03 
Spring R5-10 juvenile 6.48 11.06 1.34 12.13 0.231 15.22 
Spring R5-11 juvenile 6.05 10.22 1.07 10.47 0.248 15.02 
Spring R5-12 juvenile 5.51 9.98 1.37 13.76 0.231 17.04 
Spring R5-13 juvenile 6.12 11.84 1.42 12.02 0.258 17.01 
Spring R5-14 juvenile 5.64 9.63 0.93 9.64 0.252 15.21 
Spring R5-15 juvenile 5.23 9.75 1.09 11.2 0.256 14.93 
Spring R5-16 juvenile 7.87 13.25 1.36 10.23 0.238 14.99 
Spring R5-17 juvenile 6.43 10.82 1.03 9.49 0.249 15.21 
Spring R5-18 juvenile 5.59 11.14 0.96 8.59 0.251 15.01 
Spring R5-19 juvenile 7.42 12.48 1.39 11.17 0.250 15.54 
Spring R6-1 juvenile 6.30 10.57 1.27 12.01 0.389 16.29 
Spring R6-2 juvenile 7.16 12.02 1.14 9.49 0.373 16.97 
Spring R6-3 juvenile 5.56 9.33 1.25 13.42 0.420 14.82 
Spring R6-4 juvenile 7.21 12.10 1.75 14.45 0.369 17.07 
Spring R6-5 juvenile 6.99 11.72 1.41 12.06 0.385 16.04 
Spring R6-6 juvenile 7.21 12.10 1.47 12.14 0.392 17.15 
Spring R6-7 juvenile 6.73 11.78 1.43 12.16 0.436 17.38 
Spring R6-8 juvenile 7.19 12.58 1.51 12.03 0.394 16.88 
Spring R6-9 juvenile 5.56 9.73 1.07 11.02 0.390 14.92 
Spring R6-10 juvenile 5.82 10.18 1.20 11.77 0.399 17.98 
Spring R6-11 juvenile 7.04 12.31 1.29 10.48 0.369 15.73 
Spring R6-12 juvenile 6.50 11.38 1.18 10.39 0.386 15.77 
Spring R6-13 juvenile 6.35 11.11 1.48 13.33 0.387 15.02 
Spring R6-14 juvenile 6.07 9.96 1.21 12.16 0.392 14.94 
Spring R6-15 juvenile 7.21 11.83 1.72 14.52 0.398 17.23 
Spring R6-16 juvenile 7.59 12.46 1.32 10.6 0.390 18.25 
Spring R6-17 juvenile 7.14 11.71 1.81 15.43 0.387 16.21 
Spring R6-18 juvenile 6.20 10.16 1.23 12.09 0.344 15.99 
Spring R7-1 juvenile 6.83 12.52 1.39 11.12 0.184 8.90 
Spring R7-2 juvenile 6.38 11.68 1.20 10.23 0.179 8.34 
Spring R7-3 juvenile 5.23 9.59 1.19 12.45 0.175 9.55 
Spring R7-4 juvenile 7.80 14.29 1.76 12.31 0.189 7.96 
Spring R7-5 juvenile 5.92 10.33 1.15 11.1 0.192 8.75 
Spring R7-6 juvenile 5.31 9.26 1.14 12.33 0.186 8.35 
Spring R7-7 juvenile 6.10 10.64 1.18 11.1 0.180 8.55 
Spring R7-8 juvenile 5.08 8.86 0.99 11.14 0.193 8.66 
Spring R7-9 juvenile 7.62 13.30 1.44 10.8 0.198 8.30 
Spring R7-10 juvenile 5.33 9.31 1.03 11.08 0.181 9.02 
Spring R7-11 juvenile 5.08 8.86 0.98 11.08 0.175 9.95 
Spring R7-12 juvenile 4.57 7.98 0.76 9.56 0.167 8.49 
Spring R7-13 juvenile 5.66 9.88 0.96 9.67 0.204 9.15 
Spring R7-14 juvenile 5.38 9.40 1.04 11.08 0.186 9.13 
Spring R7-15 juvenile 7.04 12.28 1.65 13.45 0.164 8.89 
Spring R7-16 juvenile 5.18 10.56 1.51 14.32 0.153 8.89 
Spring R7-17 juvenile 5.33 11.78 1.19 10.07 0.185 8.77 
Spring R7-18 juvenile 5.89 12.24 1.23 10.03 0.191 9.55 
Spring R7-19 juvenile 6.02 12.18 0.92 7.54 0.199 10.04 
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Summer LR-1 juvenile 7.67 13.75 0.78 13.02 0.17 17.42 
Summer LR-2 juvenile 5.61 10.06 0.78 10.36 0.18 18.03 
Summer LR-3 juvenile 5.56 9.97 0.82 11.98 0.18 19.12 
Summer LR-4 juvenile 4.98 8.93 0.87 12.55 0.19 16.89 
Summer LR-5 juvenile 5.41 9.70 0.73 11.9 0.19 17.39 
Summer LR-6 juvenile 5.28 9.47 0.71 14.42 0.18 17.41 
Summer LR-7 juvenile 6.10 10.93 0.79 11.85 0.18 19.39 
Summer LR-8 juvenile 5.56 9.97 0.74 10.29 0.18 15.22 
Summer LR-9 juvenile 7.49 13.43 0.76 12 0.19 16.83 
Summer LR-10 juvenile 5.18 9.29 0.80 9.78 0.19 16.78 
Summer LR-11 juvenile 5.99 10.75 0.90 14.03 0.18 17.51 
Summer LR-12 juvenile 6.48 11.61 0.70 11.85 0.17 17.63 
Summer LR-13 juvenile 6.05 10.84 0.79 11.92 0.19 17.7 
Summer LR-14 juvenile 5.51 9.88 0.79 12.23 0.22 19.03 
Summer LR-15 juvenile 6.12 10.98 0.78 10.49 0.17 15.92 
Summer R1-1 juvenile 7.32 13.12 0.68 10.79 0.07 15.25 
Summer R1-2 juvenile 6.71 12.02 0.67 11.3 0.08 14.98 
Summer R1-3 juvenile 6.55 11.75 0.66 13.46 0.08 15.01 
Summer R1-4 juvenile 7.49 13.43 0.74 9.91 0.08 15.17 
Summer R1-5 juvenile 6.27 11.25 0.54 11.28 0.08 15.19 
Summer R1-6 juvenile 6.47 11.60 0.68 12.05 0.08 13.94 
Summer R1-7 juvenile 6.58 11.80 0.63 11.9 0.07 16.57 
Summer R1-8 juvenile 7.52 13.48 0.77 11.11 0.08 15.22 
Summer R1-9 juvenile 6.53 11.70 0.70 11.33 0.07 15.05 
Summer R1-10 juvenile 7.82 14.03 0.67 10.04 0.07 16.89 
Summer R1-11 juvenile 5.47 9.81 0.62 10.17 0.08 17.33 
Summer R1-12 juvenile 6.55 11.75 0.67 12.09 0.07 13.38 
Summer R1-13 juvenile 7.19 12.89 0.65 14.49 0.07 14.56 
Summer R1-14 juvenile 6.25 11.20 0.67 9.51 0.07 13.98 
Summer R1-15 juvenile 6.47 11.61 0.69 11.18 0.08 15.21 
Summer R1-16 juvenile 6.17 11.07 0.78 11.54 0.08 15.19 
Summer R2-1 juvenile 7.67 13.75 2.45 12.12 0.29 18.85 
Summer R2-2 juvenile 5.61 10.06 1.58 14.54 0.29 20.68 
Summer R2-3 juvenile 5.56 9.97 2.01 9.76 0.39 22.33 
Summer R2-4 juvenile 7.54 13.53 2.02 12 0.28 21.56 
Summer R2-5 juvenile 5.41 9.70 2.02 12.42 0.26 21.98 
Summer R2-6 juvenile 7.34 13.16 2.02 12.3 0.25 20.92 
Summer R2-7 juvenile 7.90 14.16 1.94 12.99 0.30 20.78 
Summer R2-8 juvenile 6.78 12.16 2.03 11.01 0.28 18.82 
Summer R2-9 juvenile 6.50 11.66 2.02 15.04 0.29 23.05 
Summer R2-10 juvenile 6.17 11.07 2.00 12.25 0.28 21.56 
Summer R2-11 juvenile 7.32 13.12 2.02 12.23 0.30 20.31 
Summer R2-12 juvenile 6.10 10.93 2.00 11.89 0.28 19.79 
Summer R2-13 juvenile 6.45 11.57 2.04 11.69 0.27 20.74 
Summer R2-14 juvenile 7.49 13.43 1.83 8.47 0.29 24.06 
Summer R2-15 juvenile 7.47 13.39 2.08 15.61 0.29 18.3 
Summer R2-16 juvenile 5.99 10.75 2.14 13.5 0.29 21.01 
Summer R2-17 juvenile 6.48 11.61 2.05 12.29 0.28 20.69 
Summer R2-18 juvenile 5.92 10.61 2.03 14.1 0.29 19.89 
Summer R2-19 juvenile 6.93 12.43 2.06 12.02 0.30 18.99 
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Summer R2-20 juvenile 7.14 12.80 2.02 11.04 0.30 21.07 
Summer R3-1 juvenile 6.53 11.70 3.47 15.02 1.21 34.57 
Summer R3-2 juvenile 6.30 11.29 3.58 16.07 1.40 33.74 
Summer R3-3 juvenile 6.83 12.25 3.32 15.3 1.24 32.96 
Summer R3-4 juvenile 6.83 12.25 3.62 15.19 1.24 36.02 
Summer R3-5 juvenile 5.82 10.43 3.48 15.33 1.19 32.91 
Summer R3-6 juvenile 6.53 11.70 3.40 15.36 1.26 31.96 
Summer R3-7 juvenile 6.83 12.25 3.01 13.89 1.29 30.01 
Summer R3-8 juvenile 7.65 13.71 3.88 16.22 1.17 33.12 
Summer R3-9 juvenile 7.59 13.62 3.93 15.17 1.24 33.05 
Summer R3-10 juvenile 7.80 13.98 3.41 17.24 1.23 33.03 
Summer R3-11 juvenile 7.85 14.07 3.33 14.66 1.20 34.64 
Summer R3-12 juvenile 6.55 11.75 3.29 13.58 1.25 32.33 
Summer R3-13 juvenile 6.50 11.66 3.29 16.24 1.24 32.9 
Summer R3-14 juvenile 6.55 11.75 3.56 15.4 1.24 29.84 
Summer R3-15 juvenile 7.21 12.93 3.70 16.92 1.21 38.02 
Summer R3-16 juvenile 6.27 11.25 3.47 15.29 1.17 28.19 
Summer R3-17 juvenile 7.16 12.84 3.40 14.89 1.28 34.45 
Summer R4-1 juvenile 6.81 12.21 2.47 11.93 0.55 19.03 
Summer R4-2 juvenile 6.32 11.34 2.44 13.1 0.55 17.98 
Summer R4-3 juvenile 6.86 12.30 2.47 10.67 0.56 21.15 
Summer R4-4 juvenile 7.65 13.71 2.58 12.93 0.54 20.67 
Summer R4-5 juvenile 7.06 12.66 2.63 14.56 0.57 19.88 
Summer R4-6 juvenile 6.35 11.39 2.29 15.74 0.57 17.34 
Summer R4-7 juvenile 6.60 11.84 1.94 13.1 0.57 18.79 
Summer R4-8 juvenile 7.44 13.34 2.67 13 0.56 17.49 
Summer R4-9 juvenile 7.87 14.12 2.47 13.42 0.59 18.62 
Summer R4-10 juvenile 7.37 13.21 2.45 12.99 0.62 16.95 
Summer R4-11 juvenile 7.75 13.89 2.79 13.1 0.56 21.37 
Summer R4-12 juvenile 7.29 13.07 2.40 13.24 0.55 18.81 
Summer R4-13 juvenile 6.25 11.20 2.47 12.99 0.51 18.78 
Summer R4-14 juvenile 7.04 12.62 2.25 12.87 0.52 18.65 
Summer R4-15 juvenile 7.70 13.80 2.48 13.16 0.58 17.94 
Summer R4-16 juvenile 7.75 13.89 2.69 13.13 0.57 19 
Summer R5-1 juvenile 7.06 12.66 2.10 12.23 0.30 14.72 
Summer R5-2 juvenile 6.43 11.52 2.12 10.18 0.34 16 
Summer R5-3 juvenile 7.16 12.84 2.11 14.5 0.30 15.87 
Summer R5-4 juvenile 6.58 11.80 2.28 12.5 0.30 14.31 
Summer R5-5 juvenile 6.73 12.07 2.10 13.03 0.27 17.02 
Summer R5-6 juvenile 6.32 11.34 2.00 12.38 0.32 18.11 
Summer R5-7 juvenile 7.42 13.30 2.00 12.37 0.29 15.87 
Summer R5-8 juvenile 7.65 13.71 2.08 11.87 0.33 15.56 
Summer R5-9 juvenile 7.62 13.66 2.11 13.06 0.30 16.01 
Summer R5-10 juvenile 7.42 13.30 2.10 12.4 0.32 16.74 
Summer R5-11 juvenile 7.59 13.62 1.87 13.02 0.30 15.8 
Summer R5-12 juvenile 7.72 13.84 2.29 11.99 0.28 15.94 
Summer R5-13 juvenile 7.09 12.71 2.31 10.16 0.30 15.43 
Summer R5-14 juvenile 6.83 12.25 2.10 15.25 0.27 13.52 
Summer R5-15 juvenile 7.70 13.80 2.10 9.78 0.30 18.04 
Summer R5-16 juvenile 7.49 13.43 2.21 13.66 0.34 15.98 
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Summer R5-17 juvenile 7.59 13.62 2.08 13.39 0.29 15.9 
Summer R5-18 juvenile 7.85 14.07 2.04 12.29 0.29 16.8 
Summer R6-1 juvenile 7.54 13.53 2.08 12.85 0.41 18.76 
Summer R6-2 juvenile 7.62 13.66 2.39 12.83 0.42 20.03 
Summer R6-3 juvenile 7.24 12.98 2.47 13.09 0.45 19.39 
Summer R6-4 juvenile 6.32 11.34 2.04 11.56 0.41 22.42 
Summer R6-5 juvenile 6.78 12.16 2.21 14.55 0.42 21.33 
Summer R6-6 juvenile 6.58 11.80 2.29 12.81 0.40 20.01 
Summer R6-7 juvenile 6.15 11.02 2.32 12.79 0.41 19.56 
Summer R6-8 juvenile 6.43 11.52 2.19 12.74 0.41 21.38 
Summer R6-9 juvenile 7.11 12.75 2.04 13.02 0.40 18.92 
Summer R6-10 juvenile 7.62 13.66 2.26 12.74 0.45 21.45 
Summer R6-11 juvenile 7.87 14.12 2.17 12.53 0.43 18.79 
Summer R6-12 juvenile 7.37 13.21 2.2 12.39 0.42 19.99 
Summer R6-13 juvenile 6.25 11.20 2.18 15.04 0.40 20.75 
Summer R6-14 juvenile 7.87 14.12 2.21 10.68 0.45 18.67 
Summer R6-15 juvenile 7.29 13.07 2.26 12.84 0.46 18.92 
Summer R7-1 juvenile 6.30 11.29 0.68 11.92 0.2 11.39 
Summer R7-2 juvenile 7.57 13.57 0.82 11.49 0.19 12.22 
Summer R7-3 juvenile 6.40 11.48 0.81 12.04 0.23 11.4 
Summer R7-4 juvenile 6.43 11.52 0.76 11.49 0.2 11.44 
Summer R7-5 juvenile 7.57 13.57 0.80 13.07 0.2 10.56 
Summer R7-6 juvenile 7.67 13.75 0.80 10.26 0.18 10.71 
Summer R7-7 juvenile 7.62 13.66 0.78 11.01 0.15 11.02 
Summer R7-8 juvenile 6.07 10.88 0.82 13.89 0.2 13.73 
Summer R7-9 juvenile 7.87 14.12 0.75 14.03 0.21 11.1 
Summer R7-10 juvenile 7.04 12.62 0.80 11.07 0.22 12.19 
Summer R7-11 juvenile 6.73 12.07 0.73 10.39 0.2 11.37 
Summer R7-12 juvenile 7.90 14.16 0.69 13.88 0.23 10.99 
Summer R7-13 juvenile 7.59 13.62 0.84 14.12 0.19 11.68 
Summer R7-14 juvenile 7.34 13.16 0.89 10.04 0.19 11.39 
Summer R7-15 juvenile 6.53 11.70 0.86 10.77 0.2 11.46 
Summer R7-16 juvenile 7.70 13.80 0.79 11.97 0.199 11.5 
Summer R8-1 juvenile 6.55 11.75 2.00 12.01 0.3 17.02 
Summer R8-2 juvenile 7.34 13.16 2.04 10.83 0.29 18.05 
Summer R8-3 juvenile 6.50 11.66 2.18 13.63 0.34 16.79 
Summer R8-4 juvenile 6.07 10.88 1.97 12.09 0.3 17.07 
Summer R8-5 juvenile 7.49 13.43 2.09 13.54 0.3 17.16 
Summer R8-6 juvenile 7.39 13.25 2.13 10.09 0.27 16.92 
Summer R8-7 juvenile 7.67 13.75 2.10 14.15 0.29 16.59 
Summer R8-8 juvenile 7.59 13.62 1.79 10.23 0.34 19.13 
Summer R8-9 juvenile 7.29 13.07 2.05 12.07 0.31 19.48 
Summer R8-10 juvenile 7.72 13.84 2.07 11.58 0.31 17.01 
Summer R8-11 juvenile 7.82 14.03 2.00 12.29 0.27 17.02 
Summer R8-12 juvenile 6.83 12.25 2.03 12.15 0.31 16.59 
Summer R8-13 juvenile 6.05 10.84 1.94 13.09 0.31 17 
Summer R8-14 juvenile 7.85 14.07 1.90 12.1 0.3 16.13 
Summer R8-15 juvenile 7.32 13.12 1.98 12.09 0.29 16.02 
Summer R8-16 juvenile 6.58 11.80 2.03 14.15 0.3 16.17 
Summer R8-17 juvenile 7.70 13.80 2.02 10.17 0.31 16.01 
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Summer R9-1 juvenile 7.21 12.93 2.00 12.57 0.35 19.70 
Summer R9-2 juvenile 7.59 13.62 2.09 11.92 0.30 19.75 
Summer R9-3 juvenile 7.65 13.71 2.11 10.89 0.31 18.68 
Summer R9-4 juvenile 7.75 13.89 1.79 9.83 0.32 20.45 
Summer R9-5 juvenile 7.09 12.71 2.04 10.98 0.30 21.55 
Summer R9-6 juvenile 6.83 12.25 2.11 11.96 0.35 19.31 
Summer R9-7 juvenile 6.48 11.61 2.16 12.04 0.34 19.71 
Summer R9-8 juvenile 7.29 13.07 2.18 13.05 0.34 19.29 
Summer R9-9 juvenile 7.42 13.30 2.09 13.13 0.36 17.89 
Summer R9-10 juvenile 7.75 13.89 2.10 9.92 0.29 19.00 
Summer R9-11 juvenile 7.62 13.66 2.10 13.29 0.30 21.73 
Summer R9-12 juvenile 7.52 13.48 2.19 12.56 0.35 19.40 
Summer R9-13 juvenile 6.65 11.93 2.23 12.01 0.34 18.39 
Summer R9-14 juvenile 7.24 12.98 1.97 11.89 0.35 22.04 
Summer R9-15 juvenile 7.67 13.75 2.05 14.15 0.35 19.33 
Summer R9-16 juvenile 6.32 11.34 2.08 10.55 0.37 18.95 
Summer R9-17 juvenile 7.80 13.98 2.21 11.16 0.36 19.89 
Summer R9-18 juvenile 7.54 13.53 2.01 11.88 0.36 19.97 
 
Fall LR-1 juvenile 7.34 11.45 0.59 12.05 0.13 14.2 
Fall LR-2 juvenile 6.81 12.53 0.6 11.71 0.14 13.18 
Fall LR-3 juvenile 6.22 13.98 0.54 10.94 0.14 13.79 
Fall LR-4 juvenile 6.81 14.07 0.61 11.58 0.15 14.01 
Fall LR-5 juvenile 7.59 14.30 0.62 11.02 0.16 13.99 
Fall LR-6 juvenile 7.65 13.93 0.63 12.08 0.15 12.95 
Fall LR-7 juvenile 7.77 13.98 0.63 12.05 0.13 13.58 
Fall LR-8 juvenile 7.57 14.02 0.61 9.58 0.13 11.37 
Fall LR-9 juvenile 7.59 12.90 0.6 10.3 0.14 13.83 
Fall LR-10 juvenile 7.62 12.62 0.6 11.02 0.15 13.49 
Fall LR-11 juvenile 7.01 14.44 0.65 13.01 0.14 14.01 
Fall LR-12 juvenile 6.86 12.39 0.58 12.8 0.14 13.8 
Fall LR-13 juvenile 7.85 11.64 0.53 9.29 0.13 13.67 
Fall LR-14 juvenile 6.73 13.09 0.67 14.19 0.13 15.23 
Fall LR-15 juvenile 6.32 11.64 0.69 12.4 0.14 15.66 
Fall LR-16 juvenile 7.11 11.64 0.62 13.82 0.13 14.12 
Fall R1-1 juvenile 6.55 10.33 0.53 10.38 0.06 11.98 
Fall R1-2 juvenile 7.67 10.24 0.61 13.02 0.06 12.05 
Fall R1-3 juvenile 5.61 13.04 0.60 12.8 0.06 13.74 
Fall R1-4 juvenile 5.56 9.96 0.60 10.95 0.06 10.21 
Fall R1-5 juvenile 7.09 14.02 0.58 9.56 0.06 11.5 
Fall R1-6 juvenile 5.41 15.19 0.63 11.03 0.05 11.92 
Fall R1-7 juvenile 7.62 12.48 0.64 10.89 0.05 10.44 
Fall R1-8 juvenile 8.26 11.97 0.51 12.63 0.06 12.12 
Fall R1-9 juvenile 6.78 11.36 0.54 11.04 0.06 12.05 
Fall R1-10 juvenile 6.50 13.46 0.55 11.19 0.07 13.41 
Fall R1-11 juvenile 6.17 11.50 0.61 12.03 0.06 12.01 
Fall R1-12 juvenile 7.32 11.64 0.62 10.78 0.06 11.65 
Fall R1-13 juvenile 6.25 13.93 0.56 9.63 0.05 11.9 
Fall R1-14 juvenile 6.32 14.16 0.58 13.06 0.07 12.49 
Fall R1-15 juvenile 7.57 12.39 0.62 12.25 0.06 11.87 
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Fall R1-16 juvenile 7.70 11.64 0.60 9.34 0.07 11.93 
Fall R1-17 juvenile 6.73 13.09 0.56 10.02 0.06 11.82 
Fall R2-1 juvenile 6.55 14.07 2 13.01 0.21 17 
Fall R2-2 juvenile 7.34 11.64 1.8 12.72 0.24 16.59 
Fall R2-3 juvenile 7.65 13.51 2.43 11.25 0.21 16.72 
Fall R2-4 juvenile 6.32 13.98 2.1 12.09 0.23 16.33 
Fall R2-5 juvenile 7.34 13.56 2.12 9.69 0.24 15.29 
Fall R2-6 juvenile 7.59 14.02 2.1 10.67 0.22 17.18 
Fall R2-7 juvenile 7.37 14.12 1.98 13.72 0.23 16.3 
Fall R2-8 juvenile 7.62 14.07 2 14.02 0.22 15.31 
Fall R2-9 juvenile 7.67 12.57 2 12.2 0.24 16.52 
Fall R2-10 juvenile 7.65 12.06 2.18 10.83 0.22 16.8 
Fall R2-11 juvenile 6.83 13.74 2.21 14.27 0.21 16.8 
Fall R2-12 juvenile 6.55 12.95 2.33 12.5 0.22 16.35 
Fall R2-13 juvenile 7.47 13.09 2.07 14.09 0.25 17.39 
Fall R2-14 juvenile 7.04 14.07 2 12 0.23 17.25 
Fall R2-15 juvenile 7.11 13.42 2.14 10.82 0.23 16.52 
Fall R2-16 juvenile 7.65 12.95 2.18 11.79 0.22 19.3 
Fall R2-17 juvenile 7.29 13.09 2.11 15.05 0.23 14.02 
Fall R2-18 juvenile 7.72 14.07 2.07 8.57 0.24 14.19 
Fall R3-1 juvenile 7.67 13.09 2.9 13.82 1.01 25.81 
Fall R3-2 juvenile 7.24 13.70 2.79 14.56 0.97 26.3 
Fall R3-3 juvenile 7.11 13.79 2.84 12.71 0.99 27.01 
Fall R3-4 juvenile 7.44 14.16 2.89 13.94 1.02 27.18 
Fall R3-5 juvenile 7.49 14.02 2.93 15.1 1.01 25.96 
Fall R3-6 juvenile 7.70 12.99 2.85 14.81 0.97 26.18 
Fall R3-7 juvenile 7.62 13.13 3.02 15.92 0.98 26.19 
Fall R3-8 juvenile 7.06 12.95 2.61 13.5 1.04 26.2 
Fall R3-9 juvenile 7.14 14.12 2.9 16.29 0.99 24.73 
Fall R3-10 juvenile 7.04 14.02 2.85 11.62 1.03 28.65 
Fall R3-11 juvenile 7.67 11.50 2.85 17.12 1.02 25.9 
Fall R3-12 juvenile 7.62 12.85 2.91 13.78 0.97 24.59 
Fall R3-13 juvenile 6.25 12.62 3.02 15.39 0.96 23.6 
Fall R3-14 juvenile 6.99 14.07 2.81 16.01 0.93 27.84 
Fall R3-15 juvenile 6.86 13.93 2.78 14.55 1.01 27.33 
Fall R3-16 juvenile 7.65 11.64 3.23 13.43 0.94 26.18 
Fall R3-17 juvenile 7.57 13.79 2.62 14.49 1.02 26.17 
Fall R4-1 juvenile 7.42 12.29 2.62 12.05 0.51 14.81 
Fall R4-2 juvenile 5.94 12.99 2.49 13.1 0.47 12.86 
Fall R4-3 juvenile 6.68 13.88 2.59 12.69 0.39 15.22 
Fall R4-4 juvenile 7.06 13.23 2.63 12.92 0.48 15.18 
Fall R4-5 juvenile 7.54 14.26 2.55 10.53 0.5 13.98 
Fall R4-6 juvenile 7.19 14.07 2.38 9.79 0.51 14.56 
Fall R4-7 juvenile 7.75 14.02 2.64 14.15 0.46 14.83 
Fall R4-8 juvenile 7.65 13.28 2.51 13.02 0.45 14.98 
Fall R4-9 juvenile 7.62 13.65 2.50 12.75 0.47 15.53 
Fall R4-10 juvenile 7.21 13.79 2.60 13.69 0.46 16.46 
Fall R4-11 juvenile 7.42 14.07 2.55 13.56 0.52 16.21 
Fall R4-12 juvenile 7.49 14.12 2.55 15.13 0.41 14.93 
Fall R4-13 juvenile 7.65 12.39 2.22 13.04 0.44 14.95 
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Fall R4-14 juvenile 7.67 11.55 2.74 12.62 0.49 12.54 
Fall R4-15 juvenile 6.73 12.39 2.70 12.65 0.5 15.38 
Fall R4-16 juvenile 6.27 11.55 2.81 12.68 0.48 15.81 
Fall R5-1 juvenile 7.09 13.04 1.77 12.05 0.25 13.26 
Fall R5-2 juvenile 7.67 14.12 1.65 10.73 0.22 12.41 
Fall R5-3 juvenile 6.30 11.59 1.62 11.94 0.24 13.29 
Fall R5-4 juvenile 5.89 10.84 1.68 12.28 0.24 12.38 
Fall R5-5 juvenile 7.62 14.02 1.68 13.15 0.24 14.17 
Fall R5-6 juvenile 7.11 13.09 1.7 10.26 0.21 14.04 
Fall R5-7 juvenile 6.58 12.11 1.52 12.25 0.25 13.05 
Fall R5-8 juvenile 7.26 13.37 1.89 11.5 0.26 12.88 
Fall R5-9 juvenile 5.51 10.14 1.74 12.62 0.26 11.75 
Fall R5-10 juvenile 6.40 11.78 1.91 14.09 0.24 12.01 
Fall R5-11 juvenile 7.65 14.07 1.61 12.93 0.27 11.96 
Fall R5-12 juvenile 7.19 13.23 1.6 12.94 0.23 12.54 
Fall R5-13 juvenile 6.32 11.64 1.59 9.82 0.25 12.6 
Fall R5-14 juvenile 7.70 14.16 1.45 15.62 0.25 11.48 
Fall R5-15 juvenile 6.83 12.57 1.71 8.4 0.23 12.56 
Fall R5-16 juvenile 6.43 11.83 1.73 15.87 0.24 11.19 
Fall R5-17 juvenile 6.27 11.55 1.73 11.81 0.23 12.65 
Fall R5-18 juvenile 6.55 12.06 1.7 13.36 0.25 13.02 
Fall R6-1 juvenile 7.06 12.99 2.2 13.14 0.36 15.56 
Fall R6-2 juvenile 7.49 13.79 2.48 10.83 0.34 16.03 
Fall R6-3 juvenile 7.62 14.02 1.93 12.78 0.35 14.67 
Fall R6-4 juvenile 6.22 11.45 2.01 10.92 0.35 16.85 
Fall R6-5 juvenile 6.48 11.92 2 12.8 0.33 16.15 
Fall R6-6 juvenile 6.93 12.76 2.34 14.31 0.34 17.21 
Fall R6-7 juvenile 6.32 11.64 2.3 15.23 0.38 16.05 
Fall R6-8 juvenile 7.47 13.74 2.05 13.05 0.39 17.06 
Fall R6-9 juvenile 7.70 14.16 2.25 12.07 0.39 13.71 
Fall R6-10 juvenile 7.62 14.02 2.31 12.66 0.37 15.5 
Fall R6-11 juvenile 6.91 12.71 2.28 10.63 0.36 15.79 
Fall R6-12 juvenile 5.84 10.75 2.19 11.49 0.36 15.81 
Fall R6-13 juvenile 6.40 11.78 2.39 13.56 0.37 15.33 
Fall R6-14 juvenile 6.71 12.34 2.17 12.84 0.38 14.32 
Fall R6-15 juvenile 5.82 10.70 2.4 11.62 0.38 16.53 
Fall R6-16 juvenile 6.30 11.59 2.21 16.74 0.37 15.9 
Fall R6-17 juvenile 6.38 11.73 2.29 13.32 0.37 17.57 
Fall R7-1 juvenile 7.11 13.09 0.54 11.23 0.14 9.81 
Fall R7-2 juvenile 6.96 12.81 0.57 13.19 0.13 9.68 
Fall R7-3 juvenile 6.10 11.22 0.62 10.98 0.15 9.27 
Fall R7-4 juvenile 7.87 14.49 0.58 11.5 0.16 8.85 
Fall R7-5 juvenile 7.70 14.16 0.53 11.91 0.16 8.9 
Fall R7-6 juvenile 6.58 12.11 0.63 13.13 0.15 9.02 
Fall R7-7 juvenile 5.87 10.80 0.6 9.87 0.17 9.32 
Fall R7-8 juvenile 6.22 11.45 0.58 11.2 0.16 9.01 
Fall R7-9 juvenile 7.67 14.12 0.58 11.77 0.15 8.16 
Fall R7-10 juvenile 6.50 11.97 0.51 14.15 0.16 9.6 
Fall R7-11 juvenile 7.34 13.51 0.49 10.62 0.15 9.07 
Fall R7-12 juvenile 7.85 14.44 0.64 11.33 0.15 9.12 
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Fall R7-13 juvenile 7.65 14.07 0.61 12.09 0.17 8.72 
Fall R7-14 juvenile 5.56 10.24 0.61 13.76 0.17 8.24 
Fall R7-15 juvenile 6.35 11.69 0.62 10.98 0.2 9.88 
Fall R7-16 juvenile 7.19 13.23 0.59 11.99 0.14 8.19 
Fall R7-17 juvenile 6.88 12.67 0.57 9.03 0.13 10.11 
Fall R7-18 juvenile 5.44 10.00 0.63 10.51 0.12 7.82 
Fall R7-19 juvenile 6.53 12.01 0.63 8.82 0.11 9.04 
Fall R8-1 juvenile 7.26 13.37 1.76 11.55 0.25 14.49 
Fall R8-2 juvenile 7.65 14.07 2.03 10.82 0.23 11.17 
Fall R8-3 juvenile 7.80 14.35 1.93 13.45 0.23 13.62 
Fall R8-4 juvenile 5.94 10.94 1.84 14.28 0.23 14.93 
Fall R8-5 juvenile 6.20 11.41 1.9 12.01 0.26 12.96 
Fall R8-6 juvenile 6.48 11.92 1.72 13 0.27 15.03 
Fall R8-7 juvenile 5.46 10.05 1.8 11.59 0.25 13.87 
Fall R8-8 juvenile 7.57 13.93 2 12.3 0.26 13.38 
Fall R8-9 juvenile 7.24 13.32 1.78 9.48 0.25 13.17 
Fall R8-10 juvenile 7.04 12.95 1.63 11.92 0.25 13.6 
Fall R8-11 juvenile 7.70 14.16 2.14 10.79 0.24 13.28 
Fall R8-12 juvenile 7.62 14.02 2 9.59 0.24 14.22 
Fall R8-13 juvenile 6.32 11.64 1.69 11.9 0.25 12.96 
Fall R8-14 juvenile 7.11 13.09 2.08 11.79 0.26 13.22 
Fall R8-15 juvenile 7.82 14.40 1.92 12.34 0.24 12.87 
Fall R8-16 juvenile 5.66 10.42 1.97 12.91 0.29 12.73 
Fall R8-1 juvenile 7.26 13.37 1.62 11.42 0.25 14.83 
Fall R8-2 juvenile 6.25 11.50 1.53 13.29 0.29 14.29 
Fall R8-3 juvenile 6.05 11.12 1.57 11.35 0.26 15.69 
Fall R8-4 juvenile 5.61 10.33 1.57 10.69 0.25 13.89 
Fall R8-5 juvenile 7.72 14.21 1.6 12.05 0.27 14.72 
Fall R8-6 juvenile 7.62 14.02 1.62 11.35 0.27 14.49 
Fall R8-7 juvenile 6.86 12.62 1.59 9.29 0.27 14.66 
Fall R8-8 juvenile 6.10 11.22 1.71 13.18 0.27 13.35 
Fall R8-9 juvenile 7.77 14.30 1.39 11.51 0.29 16.17 
Fall R8-10 juvenile 6.07 11.17 1.6 11.34 0.26 13.49 
Fall R8-11 juvenile 7.67 14.12 1.6 12.17 0.26 15.97 
Fall R8-12 juvenile 6.58 12.11 1.55 10.73 0.27 14.22 
Fall R8-13 juvenile 6.81 12.53 1.49 14.28 0.27 16.23 
Fall R8-14 juvenile 6.30 11.59 1.41 11.02 0.26 13.42 
Fall R8-15 juvenile 6.86 12.62 1.73 10.69 0.23 13.9 
Fall R8-16 juvenile 7.70 14.16 1.39 10.38 0.28 12.85 
Fall R9-17 juvenile 7.37 13.56 1.68 10.06 0.28 14.87 
Fall R9-18 juvenile 6.73 12.39 1.72 9.69 0.28 15.42 
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Date AVG Discharge(ft3/s) 
SUM Rainfall 
(in) 
2006/03 48.33 1.77 
2006/04 51.36 3.39 
2006/05 36.06 1.24 
2006/06 72.14 .99 
2006/07 44.93 2.38 
2006/08 47.68 154.72 
2006/09 40.10 1117.00 
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